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Abstract

Background: The life cycles of many insect species include an obligatory or facultative diapause stage with
arrested development and low metabolic activity as an overwintering strategy. Diapause is characterised by
profound physiological changes in endocrine activity, cell proliferation and nutrient metabolism. However, little is
known regarding host-microbiome interactions during diapause, despite the importance of bacterial symbionts for
host nutrition and development. In this work, we investigated (i) the role of the microbiome for host nutrient
allocation during diapause and (ii) the impact of larval diapause on microbiome dynamics in the parasitoid wasp
Nasonia vitripennis, a model organism for host-microbiome interactions.

Results: Our results demonstrate that the microbiome is essential for host nutrient allocation during diapause in N.
vitripennis, as axenic diapausing larvae had consistently lower glucose and glycerol levels than conventional
diapausing larvae, especially when exposed to cold temperature. In turn, microbiome composition was altered in
diapausing larvae, potentially due to changes in the surrounding temperature, host nutrient levels and a
downregulation of host immune genes. Importantly, prolonged larval diapause had a transstadial effect on the
adult microbiome, with unknown consequences for host fitness. Notably, the most dominant microbiome member,
Providencia sp., was drastically reduced in adults after more than 4 months of larval diapause, while potential
bacterial pathogens increased in abundance.

Conclusion: This work investigates host-microbiome interactions during a crucial developmental stage, which
challenges both the insect host and its microbial associates. The impact of diapause on the microbiome is likely
due to several factors, including altered host regulatory mechanisms and changes in the host environment.
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Background
The life cycles of many insect species include an obliga-
tory or facultative diapause stage as an adaptive strategy
to increase survival during adverse environmental condi-
tions [1]. In temperate climates, diapause is an overwin-
tering strategy for insects to survive the cold season,
analogous to hibernation in mammals and other types of

dormancy, e.g., in plants. Diapause can occur at all life
stages from the embryo to adulthood, but the exact stage
is specific to each species. This diversity of diapause
strategies in insects has undoubtedly contributed to their
evolutionary success, allowing them to survive in fluctuat-
ing environments. Whereas some species have an obliga-
tory diapause stage, recurring in each generation as an
integral part of their life cycle, others can enter a faculta-
tive diapause depending on the prevailing environmental
conditions. In the latter case, a sensitive developmental
stage anticipates the arrival of unfavourable conditions via
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environmental cues and initiates preparation for diapause
while conditions are still favourable. As such, the shorter
daily photoperiods in late summer/autumn are token cues
for upcoming seasonal change and trigger overwintering
diapause [2–4].
Despite an increased interest in the regulatory and

physiological aspects of insect diapause [1, 5–14], the
dynamics of host-microbiome interactions during dia-
pause remain underexplored (but see [15–18]). This
contrasts with a growing body of research on hiberna-
ting mammals, demonstrating a seasonal remodelling of
the gut microbiome between the hibernating and active
phases in various species [19–22]. In brown bears, the
gut microbiota also promotes the accumulation of fat
stores in preparation for hibernation [22]. The scarcity
of diapause-related host-microbiome studies is all the
more surprising considering the importance of the
microbiome for insect physiology. Notably, the micro-
biome promotes larval development and growth in nu-
merous species by contributing to nutrient metabolism,
gut homeostasis and endocrine signalling [23–29]. For
instance, the gut microbiome regulates nutrient alloca-
tion in the fruit fly Drosophila melanogaster by modulat-
ing the expression of the insulin/insulin-like signalling
pathway (IIS), a key regulator of insect growth and nutri-
ent homeostasis [25]. Axenic fruit flies display increased
lipid storage and hyperglycaemia, reminiscent of obesity
and diabetes [27, 28]. This is of interest since sufficient
nutrient reserves are crucial for survival during diapause
and post-diapause fitness [2, 8, 30], and many insect spe-
cies accumulate important nutrient reserves (e.g., lipids,
storage proteins) during the preparation phase prior to
diapause [7, 31]. Furthermore, Burkholderia gut symbionts
increase juvenile hormone (JH) titres in the bean bug Rip-
tortus pedestris, resulting in increased levels of storage
proteins and egg production [32]. Hence, the gut micro-
biota interacts with the JH and the IIS pathways, which
are likely key hormonal regulators of diapause induction
and metabolic remodelling in diverse insects [6, 9, 12, 13].
Based on these observations, we hypothesised that the

microbiome might play a role in regulating insect dia-
pause, notably via its involvement in host nutrient allo-
cation and metabolism. In turn, a host organism
constitutes an ecosystem for its microbial associates
[33], and therefore, changes in this ecosystem may im-
pact the microbiome. For instance, certain microbiome
members may not survive under diapause conditions
[34] or enter into a state of reduced metabolic activity
themselves, thereby enabling the overproliferation of
other bacterial taxa. In combination with potentially al-
tered host regulatory mechanisms, this may result in a
deregulation of the microbiome during diapause, with
unknown consequences for host survival during dia-
pause and host fitness after diapause termination. From

this perspective, insect diapause may present challenges
for both the insect host and its microbial associates.
In the present work, we investigated the impact of dia-

pause on host-microbiome interactions in the parasitoid
wasp Nasonia vitripennis, an established model organism
for host-microbiome interactions and diapause regulation
[3, 35–40]. Indeed, N. vitripennis maintains a species-
specific gut microbiome, which is essential for larval
growth, successful pupation and survival to adulthood [23,
41–43]. In addition, short photoperiods induce a facultative
overwintering diapause at the end of the final larval instar,
immediately before pupation in non-diapausing individuals
[3, 36, 44–46]. Larval diapause is maternally determined in
this species, i.e., photoperiodic stimuli received by the
mother will induce diapause in the progeny and, once “pro-
grammed”, no external stimuli received by the offspring
can reverse this maternal predetermination [44, 45]. Inter-
estingly, maternal diapause induction follows a “switch”
pattern: When exposed to short photoperiods, females will
produce non-diapausing offspring during the first days of
adulthood, before rapidly switching to producing only
diapause-destined offspring for the rest of their adult life-
span [44, 45]. The critical photoperiod and the number of
daily cycles after which the switch occurs are genetically de-
termined and represent local adaptations to seasonal cycles
at different latitudes [3, 36, 44]. Herein, we leveraged this
diapause “switch” to investigate nutrient allocation and
microbiome composition in non-diapausing and diapausing
siblings. Our results demonstrate that the microbiome is
essential for nutrient allocation during diapause in N. vitri-
pennis, especially in response to cold temperature. Further-
more, we reveal a transstadial effect of larval diapause on
the adult microbiome, with as yet unknown consequences
for host fitness.

Results
Larval diapause induction and termination in N.
vitripennis
As previously shown [44, 45], N. vitripennis females ex-
posed to diapause-inducing conditions (short photo-
period and 20°C) produced non-diapausing offspring in
the first days of adult life before “switching” to the pro-
duction of only diapause-destined offspring for the rest
of their lifespan (Fig. 1). Depending on the female, the
switch occurred 4–8 days after adult emergence, result-
ing in the production of mixed broods for only a few
days (Fig. 1). This setup enabled us to obtain non-
diapausing 4th instar larvae and their age-matched dia-
pausing siblings for subsequent experiments by sampling
clutches of non-diapausing larvae from young females
(2–5 days after adult emergence) and clutches of
diapause-destined larvae from the same females a few
days later (from 10 days after adult emergence onwards),
when the wasp mothers had completed the “switch” and
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produced only 100% diapause-destined broods for the
rest of their lives (Fig. 1). All larvae were reared at 25°C
for 7 days until the last larval instar. After this period,
both types of larvae have generally entirely ingested the
fly host and stop feeding, as the non-diapausing larvae
will soon pupate, and the diapause-destined larvae go
into diapause. All non-diapausing and some of the
diapause-destined larvae were sampled at this stage for
subsequent analyses, but the majority of the diapause-
destined larvae were maintained alive at 6°C and con-
stant darkness for up to 6 months of diapause (Fig. 1).
Larvae survival under these conditions was generally
high: On average, 76% of the larvae in each clutch were
still alive after 5 months and 74% after 6 months. Several
diapausing larvae were transferred back to 25°C and long
photoperiod every month to terminate diapause and re-
sume development (Fig. 1). It was not possible to break
diapause after the first 2 months, indicating that a mini-
mum timespan in diapause or exposed to cold condi-
tions is required before development can resume.
Therefore, only post-diapause adults that had spent at
least 3 months in larval diapause could be included in
subsequent analyses.

The microbiome is essential for host nutrient allocation
during diapause
Considering that diapausing larvae need to survive for
long periods of time without feeding, the establishment

of sufficient nutrient reserves during the preparation for
diapause and the economical use of these reserves
throughout diapause is essential for host survival [8].
We investigated the role of the microbiome for host nu-
trient allocation in 4th instar non-diapausing larvae, 4th

instar diapausing larvae (“early diapause”) as well as after
1, 3 and 6 months of diapause under cold conditions
(6°C) (Figs. 1 and 2). For each condition, we measured
total protein, glucose, glycerol and triglyceride levels in
the same pools of 10 larvae (N = 3–12 replicate pools
per time-point, Supplementary Table 1) and compared
these nutritional levels between conventionally reared
and axenic larvae. Axenic larvae were obtained from
surface-sterilised eggs using the in vitro germ-free rear-
ing method established for Nasonia [47, 48] and are
therefore devoid of their microbiota. The surface steril-
isation treatment constitutes an additional difference be-
tween the two groups, as it was only applied to the
axenic larvae. Considering that axenic larvae weighed
less than conventional larvae during diapause (Fig. 2),
protein and nutrient levels were normalised by mg body
weight to compare the two groups. Indeed, we observed
only a transitory increase in weight in axenic early dia-
pause larvae compared to axenic non-diapausing larvae.
In contrast, conventionally reared early diapause larvae
almost doubled in weight compared to age-matched
non-diapausing larvae and maintained a higher weight
for at least 3 months of diapause (Fig. 2).

Fig. 1 Experimental design. Diagram illustrating the “switch” to diapause induction in female N. vitripennis exposed to short photoperiods. This
switch was leveraged to obtain final instar non-diapausing larvae and their age-matched diapause-destined siblings. The latter were then used in
a diapause timecourse experiment. Coloured circles indicate which experiments were performed at each time-point. Diapause larvae in the
picture of a mixed clutch are labelled with “D”
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For glucose, glycerol and triglycerides, nutrient levels
were similar between conventional and axenic non-
diapausing and early diapause larvae (Fig. 2), indicating
no nutritional deficiencies due to the germ-free rearing
medium, although these results should be interpreted
with caution due to relatively low sample sizes for these
conditions. In addition, we observed a tendency towards
lower protein levels in axenic non-diapausing larvae
compared to conventional larvae, but the difference was
not statistically significant (Wilcoxon test, W=18, df=1,

p=0.064). In conventional larvae, protein levels per milli-
gram body weight were significantly lower in diapausing
compared to non-diapausing larvae at all time-points ex-
cept after 1 month in diapause (Kruskal-Wallis rank
sum test with Dunn’s posthoc, all p < 0.008), demon-
strating that protein levels did not increase linearly with
body weight. In contrast, axenic larvae showed a gradual
increase in protein levels per milligram body weight over
time in diapause and had higher protein levels than con-
ventionally reared larvae after 3 and 6 months of

Fig. 2 Impact of the microbiome on host nutritional reserves during larval diapause. Weight, total protein and nutrient levels were monitored in
conventionally reared and axenic larvae at the end of larval development and over a 6-month period in diapause. Each datapoint represents a
pool of 10 sibling larvae. Numbers at the bottom of each boxplot indicate the number of replicates per condition. Asterisks indicate significant
differences between conventional and axenic larvae, based on pairwise Wilcoxon rank sum tests. Coloured letters indicate significant differences
in weight, total protein and nutrient levels between experimental conditions for conventional (red) and axenic larvae (orange), based on Kruskal-
Wallis rank sum tests followed by Dunn’s post hoc test with Benjamini-Hochberg correction for multiple comparisons. Different letters indicate
significant differences between conditions
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diapause (3 months: Wilcoxon test, W=2, df=1, p=0.018;
6 months: W=1, df=1, p=0.018) (Fig. 2). Considering that
the body weight of axenic larvae remained mostly stable
throughout the experiment, these results indicate a net
increase in protein levels in axenic diapausing larvae.
Glucose levels increased by 2.5 fold in conventional

early diapause larvae and remained high throughout the
entire diapause period, whereas in axenic larvae, glucose
levels declined from 1 month of diapause onwards, coin-
ciding with cold exposure (Fig. 2). Thus, glucose levels
of conventional larvae mirrored the pattern in weight
gain very well. Similarly, conventional larvae experienced
a 30-fold increase in glycerol levels under cold exposure
from 1 to 6 months of diapause, while in axenic larvae,
glycerol increased only slightly (Fig. 2). Consequently,
axenic larvae had significantly lower glucose and glycerol
levels compared to conventional larvae from 1–6
months in diapause (Wilcoxon test, all p≤0.024 (glucose)
and all p≤0.012 (glycerol)). This is of interest as glycerol
likely acts as a cryoprotectant in diapausing Nasonia
[49] and the observed increase of glycerol in conven-
tional larvae occurred after the transfer of the diapausing
larvae from 25°C to 6°C for prolonged diapause. The co-
inciding increase in glucose levels may be explained by
the breakdown of glycogen into glucose, which is then
used for glycerol synthesis in response to low tempera-
tures [8]. In addition, increased glycolysis/gluconeogene-
sis has been associated with a switch to anaerobic
metabolism during diapause in several dipterans [5, 12,
50, 51]. In contrast, triglycerides, the major storage form
of lipids in insects, were generally low in both conven-
tional and axenic larvae and dropped even lower after
diapause initiation (Fig. 2). These observations indicate
that the microbiome plays an essential role in nutrient
allocation, mobilisation and metabolism during diapause
in N. vitripennis, notably when exposed to cold
temperature.

Microbiome dynamics during larval diapause
Diapause-related changes in bacterial titres and micro-
biome composition were investigated using quantitative
PCR and 16S rRNA gene amplicon sequencing, respect-
ively, on the same biological samples (Supplementary
Tables 2, 3 and 4). These experiments were performed
on 4th instar non-diapausing larvae, 4th instar early dia-
pause larvae as well as over a 6-month diapause period
under cold exposure (N=9–21 replicate pools of 5–12
sibling larvae per condition) (Figs. 1and 3). Overall, bac-
terial titres were stable and not significantly different be-
tween diapausing and non-diapausing larvae (Fig. 3a).
However, larvae after 1–6 months of diapause had gen-
erally lower bacterial titres compared to early diapause
larvae (Kruskal-Wallis rank sum test followed by Dunn’s
post hoc, all p<0.02), except after 3 months of diapause

(Kruskal-Wallis rank sum test followed by Dunn’s post-
hoc, p=0.12) (Fig. 3a).
Amplicon sequencing produced 5589–37394 high-

quality reads per sample, which clustered into 792 OTUs
(19-152 OTUs per sample, mean=65 OTUs) based on
97% similarity (Supplementary Tables 3, 4). In line with
previous studies [40, 42, 43], the genus Providencia was
the most dominant member of the larval microbiome
(56.78% of all reads), followed by Proteus (12.95%), Serra-
tia (8.78%) and Morganella (6.69%) (Fig. 3b, Supplemen-
tary Fig. S1). Together, these four gammaproteobacterial
taxa accounted for 85% of the larval microbiome across all
experimental conditions. The remaining OTUs repre-
sented 7 bacterial phyla: Acidobacteria (2 genera), Actino-
bacteria (39 genera), Bacteroidetes (14 genera), Firmicutes
(54 genera), Fusobacteria (3 genera), Gemmatimonadetes
(1 genus) and Proteobacteria (79 genera). Bacterial species
richness and diversity as measured using the species rich-
ness estimator Chao1 and the Shannon Index of diversity
were mostly unaffected by larval diapause, except for a de-
creased species richness in larvae after 2 months of dia-
pause compared to early diapause larvae (t test, t=−3.61,
df=1, p=0.028) (Supplementary Fig. S2).
Whereas bacterial titres and species richness remained

mostly stable, bacterial community composition changed
throughout the experimental time course, as indicated by
Adonis and Anosim based on unweighted unifrac dis-
tances between experimental conditions (Adonis: F=3.63,
R2=0.21, p=0.0001; Anosim: R=0.46, p=0.0001). Specific-
ally, the microbiomes of non-diapausing larvae and their
age-matched early diapause siblings clustered together in
a PCoA analysis, while most of the prolonged diapause
samples that were exposed to cold temperature (1–6
months of diapause) formed a second cluster (Fig. 3c).
Interestingly, more than half of the 6-month-diapause
samples formed a separate, more distant cluster (Fig. 3c),
indicating that diapause-induced changes in larval micro-
biome composition may only appear after several months
in diapause. To identify factors correlated with the differ-
ences in microbiome structure, we analysed the impact of
host physiology (i.e., protein and nutrient levels) and the
surrounding environment (i.e., temperature) using the
EnvFit function of the R package “vegan”. Indeed, both
host nutrient levels and temperature were significantly
correlated with changes in microbiome composition
(temperature: r2=0.4072, p=0.001; glycerol: r2=0.4055, p=
0.001; glucose: r2=0.2524, p=0.001; protein: r2=0.0745, p=
0.018; triglycerides: r2=0.0817, p=0.019) (Fig. 3d). Specific-
ally, temperature was positively correlated with the cluster
corresponding to non-diapausing and early diapause lar-
vae and negatively correlated with the cluster correspond-
ing to prolonged diapause. Glycerol was inversely
correlated with temperature, consistent with glycerol act-
ing as a cryoprotectant in response to the lower rearing
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temperature. On the other hand, protein and glucose
levels changed already in early diapause larvae (i.e., prior
to cold exposure, Fig. 2); therefore, their effect on micro-
biome composition was likely independent from the
temperature effect. These results indicate that microbiome
composition changes in diapausing larvae were strongly
correlated with host nutrient levels and the surrounding
temperature.
Subsequently, we identified the bacterial genera which

changed in abundance between experimental conditions.
Only 16 bacterial genera (out of 193, i.e., 8.3%) were
consistently present across all experimental conditions
(Fig. 4a, Supplementary Table 4). Apart from the four

aforementioned dominant taxa Providencia, Proteus, Ser-
ratia and Morganella, these included 12 low-abundance
genera belonging to the Actinobacteria (Corynebacter-
ium, Nocardioides, Cutibacterium), Firmicutes-Bacilli
(Sporosarcina, Staphylococcus, Streptococcus), Alphapro-
teobacteria (Methylobacterium), Betaproteobacteria
(Achromobacter, Delftia, Ralstonia) and Gammaproteo-
bacteria (Haemophilus, Stenotrophomonas). Despite the
low abundance of all remaining genera (177 genera ac-
counting for only 4.84% of all reads), it is noteworthy
that 42 of these genera were exclusively present in non-
diapausing larvae and absent from diapausing larvae,
whereas only 4–11 genera were exclusively present at

Fig. 3 Microbiome dynamics during larval diapause. a Bacterial titres in non-diapausing larvae, their age-matched early diapause siblings and in
diapausing larvae over a 6-month timecourse. Each datapoint represents a pool of 5–12 larvae (Suppl. Table 3). Different letters indicate
significant differences between experimental conditions based on Kruskal-Wallis rank sum test and Dunn’s post hoc test for multiple comparisons.
b Microbiome composition per experimental condition. The most abundant bacterial genera are represented in the legend. Microbiome
composition in each replicate sample is provided in Supplementary Figure S1. c Principal Coordinates Analysis based on unweighted unifrac
distances showing differences in microbiome composition depending on diapause. The datapoints correspond to the same sibling pools as in
(a). d Nonmetric Multidimensional Scaling based on Bray-Curtis distances between bacterial communities demonstrating the correlation between
changes in microbiome composition and environmental factors, i.e., temperature and host nutrient levels. Datapoints are colour-coded by
experimental condition as in (c)
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different diapause time-points (Fig. 4a). This indicates
that some genera may be lost already during diapause
preparation, as they were also absent from 4th instar
early diapause larvae.
In addition, 52 genera were differentially abundant in

at least one diapause time-point compared to non-
diapausing larvae (Fig. 4b,c; Supplementary Fig. S3;
Supplementary Table 4). While only six genera were dif-
ferentially abundant in early diapause larvae, 17–31 gen-
era were differentially abundant after 1–6 months in
diapause (Fig. 4b). The majority of these were less abun-
dant in diapausing compared to non-diapausing larvae
(Fig. 4b), indicating that some bacterial genera may decline
with prolonged diapause, potentially due to lack of nutri-
ents or the low-temperature environment. Nonetheless,

several genera increased in abundance at particular time-
points (Fig. 4c). Genera which increased in abundance over
a longer period of time (i.e., at least 3 months of the 6-
month diapause period) included the male-killing endosym-
biont Arsenophonus nasoniae (increased after 3, 4 and 6
months of diapause; log2 fold change: 3–8), the gammapro-
teobacterium Ignatzschineria (increased after 3, 5 and 6
months; log2 fold change: 6) and the acidobacterium Terri-
globus, which was more abundant at all time-points from
1–6 months in diapause (log2 fold change: 2.3–7.5) com-
pared to non-diapausing larvae (Fig. 4c). This genus con-
sists of widespread aerobic soil bacteria, able to survive
under low nutrient, low temperature, low oxygen and
slightly acidic conditions [52, 53], which may explain its
proliferation in the gut of diapausing larvae. In addition, the

Fig. 4 Differentially abundant genera during larval diapause. a Intersection plot showing the shared and specific bacterial genera depending on
diapause conditions. The lower part of the plot shows in which experimental conditions (indicated by dots connected by a line) the different
genera were observed. b Numbers of differentially abundant bacterial genera in diapausing compared to non-diapausing larvae. The majority of
differentially abundant taxa decrease in abundance with prolonged larval diapause. c Heatmap showing the abundance of 52 bacterial genera
throughout the experimental timecourse. Each genus was differentially abundant in at least one diapause condition compared to non-diapausing
larvae. Coloured boxes preceding genus names indicate bacterial phylum and class. Differences in abundance are indicated by the z score of log
CPM (counts per million) values. Rows are ordered based on abundance patterns using hierarchical clustering. Biological replicates per
experimental condition were grouped together for readability. The full heatmap is provided in Supplementary Figure S3
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genera Bacteroides, Helicobacter, Listeria, Vagococcus, Clos-
tridium and Neisseria had significantly higher abundances
(log2 fold changes from 3.7 to 11), specifically after 6
months of diapause (Fig. 4c). Interestingly, these genera in-
creased in abundance in 5–8 out of 12 biological replicates
(Supplementary Fig. S3), and the samples with increased
abundances of these taxa corresponded to those forming
the distinct 6-month-diapause cluster (Fig. 3c).

Changes in host regulatory mechanisms during larval
diapause
To investigate the role of host regulatory mechanisms in
driving the observed changes in the larval microbiome
during diapause, we performed RNAseq on 4th instar
non-diapausing larvae, 4th instar early diapause larvae
and diapausing larvae after 1 and 6 months of diapause.
Three biological replicates (i.e., pools of 10 larvae) were
used per condition and corresponded to larvae samples
also included in the qPCR and amplicon sequencing
analyses outlined above. The number of differentially
expressed genes in diapausing larvae compared to non-
diapausing larvae increased with diapause duration, ran-
ging from 999 differentially expressed genes in early dia-
pause larvae and 1177 after 1 month of diapause to 2438
after 6 months of diapause. Considering that the host’s
immune response is a key regulator of microbiome com-
position [54, 55], e.g., by preventing the overproliferation
of certain taxa, we searched the differentially expressed
genes and identified 23 immunity-related genes which
were differentially expressed in at least one diapause
time-point: 11 genes coding for antimicrobial peptides,
three proPhenoloxidases (proPO) potentially involved in
the melanisation of foreign particles and nine pattern-
recognition proteins (two gram-negative binding pro-
teins (GNBPs) and seven peptidoglycan recognition pro-
teins (PGRPs)) (Table 1; Fig. 5). Importantly, all but one
of the antimicrobial peptides and two out of three pro-
POs were significantly downregulated with prolonged
diapause. Only the antimicrobial peptide Nasonin 6
remained upregulated after 1 and 6 months of diapause.
Both GNBPs and five PGRPs were initially upregulated
in early diapause larvae, but their expression levels grad-
ually declined during diapause, resulting in both GNBPs
and two PGRPs being downregulated after 6 months of
diapause (Table 1; Fig. 5). These results indicate that the
host’s immune system is strongly repressed during dia-
pause, which may have contributed to the deregulation
of the microbiome.

A transstadial effect of larval diapause on the adult
microbiome
Next, we investigated whether larval diapause had an ef-
fect on the adult microbiome. To this end, we compared
the microbiome of newly emerged adults after diapause

termination (post-diapause adults) to the adult micro-
biome after direct development without a diapause stage
(non-diapause adults). Bacterial titre quantification and
16S rRNA gene amplicon sequencing were performed
on the same pools of 2–6 adults (N=4–8 replicate pools
per condition, Supplementary Tables 2, 3 and 4). Bacter-
ial titres were significantly lower in post-diapause adults
compared to non-diapause adults after 4 months and 6
months of diapause (4 months: Wilcoxon test, W=9, df=
1, p=0.032; 6 months: W=7, df=1, p=0.029) (Fig. 6a).
Amplicon sequencing produced 3286–22852 high-
quality reads per sample, which were clustered into 693
OTUs (41-123 OTUs per sample, mean=80 OTUs)
(Supplementary Tables 3, 4). Bacterial species richness
was significantly higher in adults after 3 months of dia-
pause compared to non-diapause adults (t test, t=−4.48,
df=1, p=0.02) but was not significantly different in adults
after longer periods of diapause. In contrast, bacterial di-
versity increased with diapause duration and was signifi-
cantly higher after 6 months of diapause compared to 3
months of diapause (t test, t=10.01, df=1, p=0.01) (Sup-
plementary Fig. S2). This suggests that the bacterial taxa
were more evenly represented in the adult microbiome
after longer periods of larval diapause.
In addition, diapause duration had a stronger effect on

microbiome composition in adults than in larvae, since
the microbiomes of post-diapause adults formed distinct
clusters from the microbiomes of non-diapause adults.
Furthermore, the post-diapause clusters reflected dia-
pause duration (Fig. 6c), indicating gradual changes in
microbiome composition depending on diapause dur-
ation. This was due to numerous genera that occurred
specifically in non-diapause vs. post-diapause adults or
changed in abundance depending on diapause duration.
Hence, 25 out of 168 identified genera (14.9%) were only
present in non-diapause adults (Fig. 6d). While only one
genus was specifically associated with adults after 3
months of diapause, the number of specific genera in-
creased with diapause duration (Fig. 6d). This indicates
that, as in larvae, some bacterial taxa may be lost from
(or no longer transmitted to) the adult microbiome, even
after short periods of larval diapause. However, in con-
trast to larvae, prolonged diapause also resulted in the
detection of new taxa in the adult microbiome. It re-
mains to be determined whether these bacteria were
newly acquired from the environment after diapause ter-
mination or whether they had increased in abundance
from previously undetectably low levels, due to the avail-
ability of new niches after the disappearance of
diapause-sensitive taxa.
In addition, 22 genera were differentially abundant in

at least one post-diapause time-point compared to non-
diapause adults (Fig. 6e,f; Supplementary Table 4). In
contrast to larvae, the majority of these genera increased
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in abundance in post-diapause adults (Fig. 6e). Notably,
the genera Actinomyces, Rothia (both Actinobacteria),
Granulicatella, Lactococcus, Streptococcus (Bacilli) and
Haemophilus (Gammaproteobacteria) increased in abun-
dance in all biological replicates after 4–5 months of dia-
pause (Fig. 6f) with log2 fold changes of 3.65–11.43. In
terms of relative abundance, Haemophilus accounted for
less than 0.5% of the microbiome in non-diapause adults
but represented 14, 24 and 8% of the microbiome after
four to 6 months of diapause, respectively (Fig. 6b).
Similarly, Streptococcus increased from less than 0.5% in
non-diapause adults to 6% of the microbiome after 4–5
months of diapause (Fig. 6b). There was also an import-
ant temporary increase of Enterococcus after 5 months
of diapause, but this bacterium was abundant in only

50% of the samples (Fig. 6b,f, Supplementary Fig. S4).
Interestingly, most of these taxa had significantly de-
creased in abundance in diapausing larvae compared to
non-diapausing larvae (Fig. 4c), indicating that the
changes in abundance in the post-diapause adult micro-
biome did not simply reflect previous changes in the lar-
val microbiome.
In contrast, Providencia was by far the most dominant

member of the adult microbiome after direct develop-
ment (62.43% of all reads) (Fig. 6b, Supplementary Fig.
S4). However, its relative abundance decreased strongly
in post-diapause adults, accounting for 40–41% of the
microbiome after 3–4 months of diapause, and for only
4–7% of the microbiome after 5–6 months of diapause
(Fig. 6b; Supplementary Fig. S4). This corresponded to a

Table 1 Differentially expressed immunity genes in diapausing larvae compared to non-diapausing larvae. Downregulated genes are
highlighted in bold

Gene Locusa Early diapause 1 month 6 months

Log2 fold change Adj.b

p value
Log2 fold change Adj.b

p value
Log2 fold change Adj.b

p value

Antimicrobial peptides

Defensin 1-1 LOC100115742 −2.91 0.016 −10.24 1.54E−15

Defensin 1-2 LOC100310843 −4.27 0.00016 −8.20 4.67E−12

Nabaecin 1 LOC100117200 −12.73 0.0012

Nabaecin 2 LOC100422736 −10.06 0.0018

Nabaecin 3 LOC100678093 −5.48 0.0092 −8.88 0.0001

Nahymenoptaecin 1 LOC100122694 −5.79 0.00062 −6.77 3.52E−05

Nahymenoptaecin 2 LOC100116503 −4.73 6.86E−05 −8.52 6.72E−12

Nasonin 1 LOC100120544 −9.97 0.00022

Nasonin 2 LOC100462678 5.74 0.0014 −8.11 2.53E−05

Nasonin 3 LOC100123729 4.55 0.028 −8.35 2.34E−05

Nasonin 6 LOC100114068 2.32 0.0091 2.22 0.0082

Phenoloxidases

ProPO LOC100122972 4.56 1.87E−06 1.83 0.019

ProPO LOC100116823 3.21 0.00087 −5.66 1.91E−08

ProPO LOC100121103 −4.28 1.24E−06 −6.04 4.33E−09

GNBPs

GNBP 1-2 LOC100123967 1.91 0.0035 −1.97 0.0012

GNBP 2 LOC100313520 6.16 7.24E−15 −3.60 0.0005 −3.61 0.00033

PGRPs

PGRP LOC100117008 1.93 0.026

PGRP LOC100117452 3.12 6.57E−06

PGRP LOC100119736 2.19 0.0029

PGRP LOC100119764 2.75 0.023

PGRP LOC100119797 2.05 0.048 2.40 0.0046 2.33 0.0039

PGRP LOC100121589 −3.51 0.021

PGRP LOC100121609 −3.61 0.0032 −3.99 0.0005
aLocus tags are based on the N. vitripennis genome assembly 2.1 (Accession No. GCA_000002325.2)
bp values were FDR-corrected using the Benjamini-Hochberg algorithm
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significant decrease in abundance after 5–6 months of
diapause (log2 fold change of −4.63 and −5.18, respect-
ively) (Fig. 6f). Hence, the most dominant member of
the Nasonia microbiome was most strongly affected by
prolonged larval diapause.

Discussion
Diapause is not simply a developmental and metabolic
arrest but a physiologically dynamic alternative stage to
direct development [1, 8, 10]. It is accompanied by pro-
found changes in endocrinal activity [11–13], cell prolif-
eration [46], stress resistance and nutrient metabolism
[7, 12, 14, 31, 49, 51, 56]. In the present work, we dem-
onstrate that the microbiome is an additional factor con-
tributing to the diapause-associated metabolic changes.
Indeed, the microbiome played an important role in nu-
trient allocation and mobilisation during larval diapause
in the parasitoid wasp N. vitripennis, since axenic larvae
accumulated less weight and had consistently lower glu-
cose and glycerol levels throughout diapause than con-
ventional larvae, especially when exposed to cold
temperature. Considering that glycerol acts as a

cryoprotectant [57], it is important to note that axenic
larvae survived cold exposure during the 6-month ex-
perimental period despite their low glycerol levels, likely
because Nasonia larvae can withstand much lower tem-
peratures than the one applied here [57]. The increase in
glucose levels could be explained by the transition to an-
aerobic metabolism with increased glycolysis/gluconeo-
genesis during diapause, as observed in several dipterans
[5, 12, 50, 51]. If this were the case, then the microbiome
would be required to maintain glycolysis/gluconeogene-
sis during cold exposure in N. vitripennis. In contrast,
total protein levels gradually increased in axenic dia-
pausing larvae under the same conditions. While the
proteins were not further identified in this study, it is
tempting to speculate whether these proteins might be
storage proteins such as hexamerins. These results dem-
onstrate that the microbiome may be involved in the
metabolic remodelling and cold resistance associated
with diapause, which may have important consequences
for host survival of diapause and post-diapause fitness.
Deciphering the underlying mechanisms and the role of
specific bacterial taxa in mediating this interaction will

Fig. 5 Downregulation of immunity-related genes during larval diapause. Log2 fold changes of genes coding for a antimicrobial peptides, b
proPhenoloxidases and c pattern recognition proteins (Gram-negative binding proteins (GNBPs) and Peptidoglycan recognition proteins (PGRPs))
in diapausing larvae compared to non-diapausing larvae. Asterisks indicate significant differences in gene expression after FDR correction. Most
genes were significantly downregulated after prolonged larval diapause
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Fig. 6 Transstadial effect of larval diapause on adult microbiome. a Bacterial titres in newly emerged adults after direct development (no
diapause) and in their siblings after different periods of larval diapause. Each datapoint represents a pool of 2–6 siblings (Suppl. Table 3). Closed
circles represent pools of females, open circles represent pools of males. Asterisks indicate significant differences between adults after direct
development and post-diapause, based on pairwise Wilcoxon rank sum tests. b Microbiome composition per experimental condition. The most
abundant bacterial genera are represented in the legend. Microbiome composition in each replicate sample is provided in Supplementary Figure
S4. c Principal Coordinates Analysis based on unweighted unifrac distances showing differences in microbiome composition depending on
diapause duration. The datapoints correspond to the same sibling pools as in (a). Circles represent pools of females, triangles represent pools of
males. d Venn diagram showing the shared and specific bacterial genera depending on experimental conditions. e Numbers of differentially
abundant bacterial genera in post-diapause adults compared to directly developed adults. f Heatmap showing the abundance of 22 bacterial
genera throughout the experimental timecourse. Each genus was differentially abundant in at least one post-diapause condition compared to
directly developed adults. Coloured boxes preceding genus names indicate bacterial phylum and class. Differences in abundance are indicated by
the z score of log CPM (counts per million) values. Rows are ordered based on abundance patterns using hierarchical clustering
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be important avenues for future research into diapause
regulation.
In turn, larval diapause altered larval microbiome

composition over time. While the dominant members of
the microbiome remained largely unaffected, diapause
seemed to have an impact on many less abundant taxa.
This is similar to observations in stinkbugs, where only a
non-transient core microbiome was detected in diapaus-
ing individuals [17]. In N. vitripennis, about 20% of all
bacterial genera were exclusively observed in non-
diapausing larvae, indicating that some bacterial taxa
may be lost already during preparation for diapause.
Nasonia acquires its microbiome by feeding on its fly
host, which is inoculated with bacteria from the mother.
This makes environmental filtering of certain bacteria by
diapause-destined larvae unlikely, as they can be as-
sumed to ingest the same source bacteria as their non-
diapausing siblings. Alternatively, certain bacteria may
not persist in the altered host environment, due to
changes in physiological conditions or the type of avail-
able nutrients. For instance, bacterial taxa known to de-
pend on dietary polysaccharides were found to decline
in hibernating mammals, while bacteria able to degrade
host-derived nutrients increased in abundance during hi-
bernation [19–22]. Subsequently, a large fraction of the
remaining bacterial genera decreased in abundance with
prolonged diapause, while only a few genera increased in
abundance. This decrease may again be due to reduced
microbial fitness of certain bacteria, as previously ob-
served for the intracellular symbiont Wolbachia [34]. An
alternative explanation might be that the more sensitive
taxa survive, but enter into a state of reduced metabolic
activity and reduced multiplication in response to low
environmental temperatures or changes in available nu-
trients. The latter explanation was further supported by
our observation that the changes in microbiome com-
position were strongly correlated with changes in host
nutrient levels and the surrounding temperature. The
latter is reminiscent of a previously observed shift in
microbiome composition under low-temperature condi-
tions in diapausing crickets [18]. Specifically, the “dia-
pause microbiome” of N. vitripennis was associated with
lower temperature and lower protein levels, but higher
glucose and glycerol levels. It is important to note that
the increase in glycerol was itself driven by the low
temperature and not by the diapause state itself. Conse-
quently, environmental temperature and changes in host
nutrient metabolism impacted microbiome composition
synergistically.
Nonetheless, a few bacterial genera increased in abun-

dance, especially after 6 months of diapause. These bac-
teria included common inhabitants of animal guts (e.g.,
Bacteroides, Clostridium), the genus Terriglobus known
to thrive in low temperature and nutrient-poor

environments [52, 53] and the male-killing symbiont
Arsenophonus nasoniae [58–61]. The increase of these
taxa may have been facilitated by their metabolic versa-
tility, the availability of new ecological niches due to the
reduction of diapause-sensitive taxa and/or reduced host
regulatory mechanisms. Indeed, numerous immunity-
related genes coding for antimicrobial peptides, proPhe-
noloxidases and pattern recognition proteins were se-
verely repressed, especially after 6 months of diapause.
This relaxation of host regulatory mechanisms may have
contributed to the overproliferation of certain taxa or to
the tolerance of the altered microbiome by the host. Al-
though the precise interplay between these genes and
the microbiome remains to be investigated, it is likely
that the downregulation of numerous immunity-related
genes is relevant for the host-microbiome cross-talk,
since previous work demonstrated an upregulation of
immunity-related genes in interspecies hybrids with al-
tered microbiomes [42]. Importantly, the antimicrobial
peptide Nasonin 6 and one PGRP were consistently up-
regulated in diapausing larvae, reinforcing the perspec-
tive that diapause is not a complete physiological
shutdown, but rather a physiologically remodelled devel-
opmental state [1, 8]. A previous study on diapause-
related changes in the microbiome reported an increased
abundance of numerous bacteria during the preparation
for adult diapause in the cabbage beetle Colaphellus
bowringi and this increase correlated with increased lipid
stores [15]. In contrast, changes in microbiome compos-
ition were not necessary to induce the metabolic
changes leading to diapause in N. vitripennis, since the
nutritional state was already different in early diapause
larvae whose microbiome was still similar to the micro-
biome of non-diapausing (i.e., not fat-accumulating) lar-
vae. Rather, the presence of the microbiome was
important for host nutrient allocation during diapause,
as indicated by the comparison of nutrient stores in con-
ventional vs. germ-free larvae. These differences in nu-
trient allocation and the impact of diapause on the
microbiome between the two organisms clearly highlight
the need for more comprehensive studies integrating
host metabolism and the microbiome in insects with dif-
ferent diapause stages.
Larval diapause had a transstadial effect on the adult

microbiome, especially after more than 3 months of dia-
pause. In contrast to larvae, numerous taxa increased in
abundance in the adult microbiome after prolonged dia-
pause, with the notable exception of Providencia, which
is usually the most dominant bacterium in the micro-
biome of adult N. vitripennis [42, 43]. Consequently, the
changes in the adult microbiome did not simply reflect
previous changes in the larval microbiome. Under non-
diapause-inducing conditions, N. vitripennis experiences
a microbial succession throughout its development [43].
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Notably, bacterial diversity increases during the non-
feeding pupal and adult stages, but the mechanisms driv-
ing these changes in the microbiome during metamor-
phosis have not been elucidated. We hypothesise that
the observed changes in the post-diapause adult micro-
biome reflect a deregulation of the microbial successions
during metamorphosis compared to non-diapausing in-
dividuals. This may be a consequence of (i) altered host
regulatory mechanisms such as immunity, (ii) an altered
host environment (e.g., due to changes in nutrients car-
ried over from the larval stage) favouring some bacterial
taxa but not others and/or (iii) altered microbial fitness,
depending on the duration of larval diapause. The ob-
served impact of larval diapause on the adult micro-
biome may have practical implications, as Nasonia is
reared for the biological control of filth flies and dia-
pause is often exploited as a shipping or storage strategy
by commercial vendors and research labs. Considering
that very little is known about the functional roles of
specific taxa within the Nasonia microbiome (but see
[40]), the potential impact of the diapause-induced
changes in the microbiome on adult fitness remains as
yet unknown. While all genera which increased in abun-
dance are common members of the commensal gut
microbiota in many species, some (e.g., Clostridium or
Enterococcus) may become opportunistic pathogens if
not kept in check. More importantly, the functional role
of Providencia, normally the most abundant taxon but
drastically reduced after prolonged diapause, is not yet
understood. In other organisms, Providencia species
have been shown to provide B vitamins [62] or to pro-
tect against bacterial pathogens [63]. Other Providencia
species may be pathogenic; however, the consistent pre-
dominance of this taxon in healthy N. vitripennis makes
a pathogenic relationship in this species unlikely. Finally,
it remains to be tested whether the diapause-induced
shift in the adult microbiome is permanent or whether it
can be reversed over time, e.g., when the female gets in
contact with the microbiota of a fly host during
oviposition.
This study used a Wolbachia-cured laboratory line to

investigate diapause-related changes even in minor taxa
within the microbiome, which would otherwise have
been masked by the dominant Wolbachia. However,
wild N. vitripennis harbour two Wolbachia strains whose
impacts on microbiome composition have not been in-
vestigated to date. Considering that both Wolbachia
strains appear to be sensitive to prolonged diapause (or
the associated cold temperature) under laboratory condi-
tions [34], a reduction of Wolbachia titres with pro-
longed diapause might open up new niches and
resources for the rest of the microbiome. The dynamics
of Wolbachia-microbiome interactions during diapause
thus represent an interesting avenue for future research.

Conclusions
This work investigates host-microbiome interactions
during insect diapause, a crucial developmental stage
which challenges both the insect host and its microbial
associates. To our knowledge, this is the first demonstra-
tion of a functional role of the microbiome for nutrient
allocation and mobilisation during diapause, indicating
that the microbiome should be taken into account as an
additional factor determining diapause physiology. In
turn, larval diapause altered the microbiome of diapaus-
ing larvae and post-diapause adults, with unknown con-
sequences for host fitness.

Methods
Experimental design
The Nasonia vitripennis wasps used in this work came
from the Wolbachia-cured laboratory line AsymCx.
Wasps were reared on Sarcophaga bullata pupae at
25°C and a long photoperiod (15 h of light). For dia-
pause induction, our experimental design was inspired
by the early work by Saunders [44, 45]. Twelve to 13
days after hosting, fly host puparia were opened and
Nasonia black pupae were sorted into mating pairs con-
sisting of one male and one female. Each mating pair
was placed into an insect vial and maintained at 25°C
and long photoperiod until emergence as adults. Upon
emergence, the insect vials were transferred to diapause-
inducing conditions (20°C and a short photoperiod of 8
h of light) and two S. bullata pupae were given to each
mating pair to allow for oviposition. The two fly hosts
were replaced every 24h throughout the entire lifespan
of the female wasps. The parasitized hosts were main-
tained at 25°C for optimal larval development and were
opened after 7 days to collect N. vitripennis 4th instar
larvae, thereby obtaining daily larvae clutches from each
individual female. Since N. vitripennis females in these
conditions produce non-diapausing offspring during the
first days of adult life and then switch to producing
diapause-destined offspring for the rest of their life [44,
45], this setup enabled us to obtain non-diapausing lar-
vae and their age-matched diapause-destined siblings.
We found that diapausing and non-diapausing larvae
cannot be reliably distinguished by eye; therefore, several
larvae from each clutch were kept alive to check for pu-
pation a few days later. To achieve this, the larvae were
stuck on double-sided tape in a petri dish and main-
tained at 25°C. This allowed us to determine non-
diapausing, diapausing and mixed broods a posteriori.
The remaining individuals from each larval clutch were
either (i) immediately frozen at −80°C for subsequent
DNA and RNA extraction or (ii) homogenised in TET
buffer and flash-frozen for subsequent nutrient quantifi-
cation (see below). From day 10 onwards, when all
broods consisted of 100% diapausing larvae, most of the
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collected larvae were no longer frozen immediately but
maintained at 6°C and constant darkness for prolonged
diapause. Over a 6-month timecourse, batches of 10–12
larvae were collected and frozen every month for DNA/
RNA extraction and nutrient quantification. Survival of
the diapausing larvae was measured after 5 and 6 months
of cold exposure, in 34 and 41 sibling groups, respectively.
Survival was determined based on two criteria: (i) healthy
appearance, i.e., absence of necrosis, and (ii) larvae wriggle
when poked. In addition, several batches of 10 diapausing
larvae (each batch being a sibling group) were transferred
back to 25°C and long photoperiod every month in order
to terminate diapause and resume development. The
emerging adults were sorted into separate pools according
to gender and immediately frozen at −80°C for subsequent
DNA extraction. The adult sex ratio was strongly biassed
towards females, which is typical for Nasonia. As it is not
possible to determine the gender of larvae, larval pools
can be considered to contain both sexes, but with a simi-
larly strong bias towards females.

In vitro rearing of axenic larvae
Axenic (i.e., germ-free) non-diapausing and diapausing
larvae were produced using the same experimental setup
as above in combination with the in vitro germ-free
rearing method established for Nasonia [47, 48]. Naso-
nia embryos were manually collected from parasitized
fly hosts after 24h, placed into transwell inserts with per-
meable 3μm-pore membranes (Corning) and surface-
sterilised by rinsing twice with 10% bleach, once with
70% ethanol and three times with sterile water. The
transwell inserts were then placed into 24-well plates
containing 200 μl of sterile Nasonia Rearing Medium
[47, 48]. The plates were maintained at 25°C under lam-
inar flow, and the rearing medium was renewed daily
until completion of larval development. The axenic sta-
tus of the larvae was verified in two ways: (i) Absence of
bacterial growth in the Nasonia Rearing Medium, which
would manifest itself through a milky colour of the
medium, and (ii) plating of randomly chosen larvae
homogenised in sterile PBS onto LB agar plates to con-
firm absence of bacterial growth. Conventionally reared
larvae were plated in the same way as positive controls.
As for the conventionally reared larvae, non-diapausing
larvae were obtained from 2- to 4-day-old females and
their diapause-destined siblings were obtained from 12-
to 26-day-old females, when the switch to all-diapause
broods was completed. The majority of the diapausing
larvae were transferred to 6°C and constant darkness for
up to 6 months of diapause.

Quantification of total protein and nutrient levels
Groups of 10 live conventionally or axenically reared lar-
vae were collected for each experimental condition (i.e.,

7-day-old non-diapausing larvae, 7-day-old diapausing
larvae, larvae after 1 month, 3 months and 6 months of
diapause). Each batch of 10 larvae was weighed to the
nearest mg and then crushed in 140 μl ice-cold TET
buffer [10 mM Tris-HCl (pH 8), 1 mM EDTA, 0.1 % (v/
v) Triton X-100] using sterile pestles. The homogenate
was centrifuged for 1 min at 17,000g to spin down cell
debris. Forty microliters of the supernatant was flash-
frozen in liquid nitrogen and stored at −80°C for subse-
quent protein quantification. The remaining 100 μl of
the supernatant was incubated at 72°C for 20 min to in-
activate endogenous enzymes prior to freezing in liquid
nitrogen and storage at −80°C, as this has been shown to
reduce variability between replicates for carbohydrate
and lipid quantifications [27].
Subsequently, total protein content was quantified

using the colorimetric DC Protein Assay Kit (Bio-Rad)
and glucose was quantified using the colorimetric Glu-
cose Assay Kit (Sigma GAGO-20) according to the man-
ufacturer’s instructions. Glycerol and triglycerides were
quantified in two steps using the Free Glycerol Reagent
for the colorimetric quantification of glycerol (Sigma
F6428) and the Triglyceride Reagent (Sigma T2449),
which hydrolyses triglycerides into glycerol and fatty
acids. Absorbance was measured in triplicates for each
sample on a Multiskan FC microplate reader (Thermo
Scientific), along with standards and blanks for each
assay. Protein and nutrient levels were normalised by the
fresh weight of the larvae, in order to correct for size dif-
ferences between conventionally and axenically reared
larvae. Differences in weight, total protein and nutrient
levels between conventional and axenic larvae were
tested for each experimental condition using the non-
parametric Wilcoxon rank sum test. Differences in
weight, total protein and nutrient levels over the entire
timecourse were tested for conventional and axenic lar-
vae using the nonparametric Kruskal-Wallis rank sum
test, followed by Dunn’s post hoc test for multiple com-
parisons with Benjamini-Hochberg correction (R pack-
age “agricolae”).

DNA and RNA extraction
All insects were surface-sterilised prior to nucleic acid
extraction by rinsing once in 10% bleach and twice in
sterile water. DNA and RNA were extracted from the
same samples, i.e., 9–21 pools of larvae and 4–8 pools of
adults for each experimental condition (Supplementary
Table 3) using the AllPrep DNA/RNA Mini Kit (QIAG
EN). Pools generally consisted of 10–12 larvae, except
for non-diapausing larvae were clutch sizes were occa-
sionally lower, resulting in 5–10 larvae per pool. As the
number of adults emerging after diapause termination
was highly variable, adult pools consisted of 2–6 individ-
uals per pool. Extraction controls were included in each
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extraction batch. DNA and RNA yields were quantified
using the Qubit dsDNA Broad Range Assay Kit and
Qubit RNA Broad Range Assay Kit (Invitrogen),
respectively.

Quantification of bacterial titres
In order to quantify the bacterial titre in each sample,
the bacterial 16S rRNA gene was amplified using the
universal bacterial primers 27F (5′-AGAGTTTGAT
CCTGGCTCA-3′) and 338R (5′-CTGCTGCCTC
CCGTAGGAGT-3′). The single-copy gene coding for
the ribosomal protein S6 kinase (NvS6K) was also quan-
tified to normalise bacterial titre per host cell (NvS6K-F:
5′-GGCATTATCTACAGAGATTTGAAACCAG-3′and
NvS6K-R: 5′-CAAAGCTATATGACCTTCTGTATCA-
3′ [64]). Standard curves were established for both genes
based on serial dilutions of purified larger PCR products
of known concentrations to calculate the copy number
of each gene. Quantitative PCR was performed in a Ste-
pOnePlus Real-Time PCR system (Applied Biosystems)
using the GoTag qPCR Master Mix (Promega). Twenty
microliters of reactions contained 10 μl of 2X GoTaq
qPCR Master Mix, 6 μl of sterile water, 0.5 μM of each
primer and 2 μl of template DNA. PCR cycles consisted
of an initial activation at 95°C for 10 min, followed by 40
cycles of 95°C for 15 s, 60°C for 30 s and 72°C for 30 s.
All samples were run in duplicates and a melt curve was
included at the end of each run to verify the specificity
of the PCR products.
Considering that diploid female Nasonia have twice

the number of NvS6K copies than haploid males, the
NvS6K copy number of adult female samples was di-
vided by two to accurately determine the number of host
cells. Differences in bacterial titre/host cell between all
experimental conditions were tested using the nonpara-
metric Kruskal-Wallis rank sum test, followed by Dunn’s
post hoc test for multiple comparisons with Benjamini-
Hochberg correction. Additionally, bacterial titres in
adults after diapause termination were compared to
those of adults developed from non-diapausing larvae
using pairwise Wilcoxon rank sum tests.

16S rRNA gene amplicon sequencing
The variable regions V3–V4 of the bacterial 16S rRNA
gene were amplified using a seminested PCR, since the
commonly used primers 338F and 806R were found to
frequently amplify the host’s 18S rRNA gene. To cir-
cumvent this issue, we first amplified the V1–V4 regions
using the primers 27F and 806R. The 25 μl reactions
contained 12.5 μl of Q5 High Fidelity Master Mix (New
England Biolabs), 7 μl of sterile water, 0.5 μM of each
primer and 4 μl of template DNA. PCR cycles consisted
of an initial activation at 98°C for 30 s, followed by 25
cycles of 98°C for 30 s, 60°C for 30 s, 72°C for 30 s and a

final extension at 72°C for 10 min. Two microliters of
this first reaction was used as template in a second PCR
with dual-indexed V3-V4 primers 338F-mod (5′-TACG
GRRSGCAGCAGTRRGGAAT-3′) and 806R (5′-GGAC
TACHVGGGTWTCTAAT-3′). Primer constructs con-
sisted of Illumina adapters, 8-bp barcodes, pad and
linker sequences [65]. PCR conditions were the same as
for the first amplification, but with only 12 cycles. The
seminested PCR approach was validated using mock
bacterial communities and N. vitripennis samples ampli-
fied using both direct and seminested PCR (Supplemen-
tary Fig. S5). Each sample was amplified in triplicates,
and the three PCR products of each sample were pooled
and purified using AMPure XP magnetic beads (Agen-
court). Purified PCR products were quantified using the
Qbit dsDNA HS Assay Kit (Life Technologies). Extrac-
tion controls and PCR negative controls were included
but did not yield detectable amounts of DNA. Equimolar
amounts of all samples were combined in a final pool.
The pooled library was sequenced on an Illumina MiSeq
using 2×250 bp paired-end chemistry by the Beijing
Genomics Institute (China).

Microbiome analysis
Raw Illumina reads were processed using QIIME 1.9
[66]. Read pairs were joined and only reads with an aver-
age quality ≥30 were retained. No barcode errors or am-
biguous bases were allowed. Chimeric reads were
removed using usearch v11.0.667 [67]. The remaining
reads were clustered into Operational Taxonomic Units
(OTUs) at 97% similarity using uclust [67]. Representa-
tive sequences from each OTU were aligned against the
Silva reference alignment release 132 [68] using PyNAST
[69] and identified using the RDP Classifier [70]. Rare
OTUs represented by < 5 sequences were not included
in subsequent analyses. OTU richness and diversity in
each sample were determined using the nonparametric
species richness estimator Chao1 and the Shannon Index
of diversity after rarefaction to an even sampling depth
of 5000 reads for larvae samples and 4000 reads for
adult samples (Table S1). Alpha diversity indices were
compared between experimental conditions using two-
sample t tests after 1000 Monte-Carlo permutations as
implemented in QIIME. Betadiversity was investigated
using Principal Coordinates Analysis (PCoA) based on
unweighted UniFrac distances [71]. To test for signifi-
cant differences in microbiome composition between ex-
perimental conditions, we used adonis and anosim
analyses implemented in QIIME based on unweighted
unifrac distances and 10,000 permutations. Correlations
between microbial community structure and environ-
mental factors (i.e., host nutrient levels and temperature)
were investigated by fitting the environmental variables
onto Nonmetric Multidimensional Scaling ordination
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scores using the EnvFit function (R package “vegan”).
Differentially abundant bacterial genera in diapausing vs.
non-diapausing wasps were determined using the edgeR
package for differential gene expression analysis [72].
Abundance was based on log CPM (Counts Per Million)
values. Only genera present in at least four samples were
included in the analysis and genera were considered dif-
ferentially abundant with a log2-fold change ≥ 1 and an
FDR-adjusted p value ≤ 0.05.

RNA sequencing
RNAseq libraries were prepared for three biological rep-
licates (pools of 10 sibling larvae) per experimental con-
dition (i.e., 7-day-old non-diapausing larvae, 7-day-old
early diapause larvae, larvae after 1 month and 6 months
of diapause). Intermediate time points could not be in-
cluded due to insufficient RNA yields from 2 to 5 month
diapause samples. RNA quality was verified using TapeS-
tation RNA Screen Tapes (Agilent). Automated RNAseq
library preparation was performed using PrepX reagent
kits (Wafergen) on the Apollo 324 liquid handling sys-
tem (Takara) at the Bauer Core Facility at Harvard Uni-
versity. Starting with 1 μg total RNA, polyA-selection
was performed using the PrepX PolyA mRNA Isolation
Kit and cDNA libraries were prepared using the PrepX
RNA-Seq for Illumina Library Kit and Superscript III re-
verse transcriptase (Invitrogen). The resulting cDNA li-
braries were PCR-amplified for 15 cycles with Illumina
Index primers using the LongAmp Taq Master Mix
(New England Biolabs). PCR products were purified
using Aline magnetic beads (Aline Biosciences). Library
quantity and quality was verified using the Qubit DNA
High Sensitivity Assay Kit (Invitrogen), TapeStation
D1000 DNA Screen Tapes (Agilent) and quantitative
PCR using the KAPA SYBR Fast ABI kit (KAPA Biosys-
tems). Single-end sequencing (100 bp) was performed
on an Illumina Hiseq 2500 at the Bauer Core Facility at
Harvard University.

RNASeq data analysis
RNAseq raw reads were quality-trimmed using Trimmo-
matic [73]. Illumina adapters were removed using ILLU-
MINACLIP, reads were end-trimmed when average
phred-scores dropped < 30 over a sliding window of four
bases and the first five bases showing non-random base
composition were cut off from the beginning of each
read. Only reads of at least 94 bases after these proce-
dures were retained for subsequent analyses. This re-
sulted in 4–6 million high-quality reads per library. The
reads from each library were mapped against the N.
vitripennis genome assembly 2.1 (GCF_000002325.3
[74]) using HISAT2 [75, 76] and gene expression levels
were quantified using HTSeq [77]. Differential expres-
sion analysis was performed using edgeR [72], and genes

were considered differentially expressed with a log2-fold
change ≥ 1 and a Benjamini-Hochberg FDR-corrected p
value < 0.05. Differentially expressed genes were
assigned to KEGG pathways using the KEGG Automatic
Annotation Server KAAS (https://www.genome.jp/tools/
kaas/).
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Additional file 1: Supplementary Fig. S1. Larval microbiome
composition in each replicate sample. Each sample represents a pool of
5-12 sibling larvae. See Supplementary Table 1 for detailed information
on each sample. The most abundant bacterial genera are represented in
the legend.

Additional file 2: Supplementary Fig. S2. Bacterial richness and
diversity in larvae and adults based on the species richness estimator
Chao 1 and the Shannon Index of diversity. Alphadiversity indices were
compared between experimental conditions using pairwise t-tests after
1000 Monte-Carlo permutations.

Additional file 3: Supplementary Fig. S3. Abundance of 52 genera in
each replicate larvae sample. Each genus was differentially abundant in at
least one diapause condition compared to non-diapausing larvae. Rows
are ordered based on abundance patterns using hierarchical clustering. A
summarized version showing the mean abundances of these genera per
experimental condition is shown in Fig. 4.

Additional file 4: Supplementary Fig. S4. Adult microbiome
composition in each replicate sample. Each sample represents a pool of
2-6 siblings. See Supplementary Table 1 for detailed information on each
sample. The most abundant bacterial genera are represented in the
legend.

Additional file 5: Supplementary Fig. S5. Validation of the
seminested PCR approach. (A) Direct vs. seminested amplification of the
V3-V4 region using a commercially available mock bacterial community
containing 15 bacterial genera (Cat. No. HM-782D, Bei Resources). Both
amplifications captured all 15 genera and did not differ in bacterial spe-
cies richness and diversity. (B) The seminested approach captured a
higher bacterial species richness in N. vitripennis larvae compared to dir-
ect amplification. Differences in alphadiversity were determined using t-
tests after 1000 Monte-Carlo permutations, on an even sampling depth
of 1200 reads/sample (mock community) and 3000 reads/sample (Naso-
nia larvae).

Additional file 6: Supplementary Table 1. Weight, protein and
nutrient quantification dataset from conventional and axenic larvae.

Additional file 7: Supplementary Table 2. qPCR quantification of the
Nasonia NvS6k gene and the bacterial 16S rRNA gene in larvae and
adults.

Additional file 8: Supplementary Table 3. Overview of the 138
amplicon pools used in this work, providing sequence yield, OTU number
and estimates of bacterial richness and diversity for each sample.

Additional file 9: Supplementary Table 4. Excel file containing the
OTU tables used for microbiome analyses, counts of all bacterial genera
by experimental condition, and log CPM values of the differentially
abundant genera.

Additional file 10: Supplementary Table 5. Sequence yield and
mapping rate for RNAseq samples.
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