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Abstract
Background: The symbiotic rumen microbiota is essential for the digestion of plant fibers and contributes to the
variation of production and health traits in ruminants. However, to date, the heritability of rumen microbial features
and host genetic components associated with the rumen microbiota, as well as whether such genetic components
are animal performance relevant, are largely unknown.
Results: In the present study, we assessed rumen microbiota from a cohort of 709 beef cattle and showed that multiple
factors including breed, sex, and diet drove the variation of rumen microbiota among animals. The diversity indices, the
relative abundance of ~ 34% of microbial taxa (59 out of 174), and the copy number of total bacteria had a heritability
estimate (h2) ≥ 0.15, suggesting that they are heritable elements affected by host additive genetics. These moderately
heritable rumen microbial features were also found to be associated with host feed efficiency traits and rumen metabolic
measures (volatile fatty acids). Moreover, 19 single nucleotide polymorphisms (SNPs) located on 12 bovine chromosomes
were found to be associated with 14 (12 of them had h2 ≥ 0.15) rumen microbial taxa, and five of these SNPs were
known quantitative trait loci for feed efficiency in cattle.
Conclusions: These findings suggest that some rumen microbial features are heritable and could be influenced by host
genetics, highlighting a potential to manipulate and obtain a desirable and efficient rumen microbiota using genetic
selection and breeding. It could be a useful strategy to further improve feed efficiency and optimize rumen fermentation
through targeting both cattle and their rumen microbiota.
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Background
Ruminants have evolved to possess a diverse symbiotic
microbiota in their rumen, mainly consisting of bacteria,
archaea, ciliated protozoa, fungi, and viruses [1]. These
rumen microorganisms can degrade complex plant fibers
and polysaccharides and produce volatile fatty acids
(VFAs), microbial proteins, and vitamins, which provide
nutrients to meet the host’s requirement for maintenance
and growth. Using omics-based approaches, recent studies
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have suggested that differences in rumen microbiota are
associated with cattle production and health traits, such as
feed efficiency [2, 3], methane (CH4) yield [4, 5], milk
composition [6], and ruminal acidosis [7]. Hence, the
rumen microbiota is a potential target for manipulation to
improve ruminant productivity and animal health, as well
as to reduce CH4 emissions.
Although it has been commonly accepted that diet
plays the main role in shaping the gut microbiota [8],
more and more evidence from quantitative genetics, especially genome-wide association studies (GWAS), have
revealed that host genetics is also an important factor in
determining the composition of gut microbiota in
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humans and mice. For example, 18 quantitative trait loci
(QTLs) were found to be associated with the abundance
of gut microbial taxa in mice [9], and a follow-up study
reported 42 QTLs for the abundance of 39 microbial
taxa in a different mouse strain [10]. Two studies found
that the abundance of one-third of the identified operational taxonomic units (OTUs) in human gut was heritable with moderate or high heritability estimates [11,
12]. In addition, substantial associations between specific
host genes and the gut microbiota were observed in the
UK human population using GWAS [12]. Recently, 58
single nucleotide polymorphisms (SNPs) were also reported to be associated with the abundance of 33 fecal
microbial taxa in human [13].
In ruminants, studies have also indicated that the rumen
microbiota could be influenced by host breed/species [14–
19]. For instance, differences in the composition of rumen
microbiota were detected between Holstein and Jersey
dairy cows fed the same diet [18]. However, multiple factors are confounded in that study such as lactation cycles
and age, and these factors have been reported to contribute to the variation of the rumen microbiota [20, 21]. In
one recent study investigating the role of rumen microbiota in CH4 emissions, host genetics was reported to
affect the archaea to bacteria ratio in the rumen [17], but
it was unclear whether host genetics affect the rumen microbial composition. In another survey of rumen microbiota of 742 rumen and foregut samples from 32 species/
sub-species of ruminants and foregut fermenters across
continents [15], the identified effects of diet, geographical
regions, and genetic background of the host were nested
and could not be clearly separated. Effects of breed [14]
and sire breed [16] on the rumen microbiota were observed in our previous studies investigating beef cattle,
when rumen microbial communities were characterized
using low-resolution methods (PCR-DGGE and qPCR).
Our recent studies reported individualized rumen microbiome of beef cattle even when animals were fed the same
diet and managed under the same environment, and identified breed effect on active rumen microbiome using
metagenomics and/or metatranscriptomics [2, 19]. In
addition, it is notable that heritability estimates of rumen
bacterial and archaeal members were recently reported
based on 750 lactating Holstein cows from five commercial herds [5]. All these findings suggest the important role
of host genetics in influencing the rumen microbiota.
However, the heritability estimates of rumen microbial
features for commercial beef cattle and underlying bovine
genotypes associated with these microbial features have
not been reported. The lack of such information could be
one of the barriers to manipulating the rumen microbiota
to improve feed efficiency in beef cattle.
Therefore, in this study, we hypothesized that rumen
microbial features of beef cattle are affected by host
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additive genetic effects and there are host SNPs contributing to the variation of microbial composition in the
rumen, which could partially drive the “individualized”
rumen microbiota and influence host feed efficiency. To
test these hypotheses, we assessed compositional profiles
of rumen microbiota, estimated the heritability, performed GWAS for rumen microbial features, and correlated these heritable microbial features to feed efficiency
traits through surveying a cohort of beef cattle (n = 709)
raised under the same farm environment.

Methods
Animal experiments and rumen sampling

A total of 709 beef cattle from three breeds, including purebred Angus (ANG, n = 203) and Charolais (CHAR, n =
114) cattle, and the Kinsella composite hybrid (HYB, n =
392), were raised under the same feedlot conditions at the
Roy Berg Kinsella Research Ranch at the University of Alberta. The Kinsella composite hybrid (HYB) population was
bred from multiple beef breeds including Angus, Charolais,
Galloway, Hereford, Holstein, Brown Swiss, and Simmental
as described previously [22]. The experimental protocol
was developed according to the guideline of the Canadian
Council on Animal Care [23] and was approved by the Animal Care and Use Committee of the University of Alberta
(protocol no. AUP00000882). Animals were fed with different diets according to their breed, sex, and growth stages,
and such information was recorded and shown in Additional file 1: (Table S1) and Additional file 2: (Table S2).
When the cattle were 292.9 ± 0.6 (mean ± SEM) days of
age, approximately 50 ml of rumen sample (including
rumen fluid and feed particles) was collected from each animal using oro-gastric tubing before feeding as previously
described [24]. Samples were immediately frozen using dry
ice and then stored at − 80 °C for further processing. VFA
profiling was conducted for each rumen sample using gas
chromatography (GC) following the procedures described
previously [14], and profiles were successfully obtained for
708 samples (Additional file 1: Table S1). Feed efficiency
phenotypes, including dry matter intake (DMI), average
daily gain (ADG), residual feed intake (RFI), and feed conversion ratio (FCR), were recorded for a total of 572 cattle
(n = 184 for ANG, n = 91 for CHAR, and n = 297 for HYB;
Additional file 1: Table S1) among the whole cohort. Briefly,
dry matter intake (DMI) values were individually recorded
using the GrowSafe system (GrowSafe Systems Ltd., Airdrie, AB, Canada). Residual feed intake (RFI) values were
calculated based on DMI, ADG, metabolic weight (MWT)
and were further adjusted for backfat thickness (RFIf) as
described by Basarab et al. [25]. Feed conversion ratio
(FCR) was calculated as the ratio between DMI and ADG.
Individual phenotypes and metadata are listed in (Additional file 1: Table S1), and descriptive statistics of feed
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efficiency phenotypes and VFA concentrations are summarized in (Additional file 3: Table S3).
DNA extraction, high-throughput sequencing, and
quantitative PCR (qPCR) analysis

Total DNA was isolated from each rumen sample using
QIAGEN BioSprint 96 workstation (Valencia, CA,
United States) at Delta Genomics (Edmonton, AB,
Canada). To assess the rumen microbial profiles, the
bacterial V1–V3 region and the archaeal V6–V8 region of 16S rRNA genes were amplified using primers
as described previously [15], i.e., for bacteria, the primers
were Ba9F (5′-GAGTTTGATCMTGGCTCAG-3′) and
Ba515Rmod1 (5′-CCGCGGCKGCTGGCAC-3′); for archaea,
the primers were Ar915aF (5′-AGGAATTGGCGGGGGAGCAC-3′) and Ar1386R (5′-GCGGTGTGTGCAAGGAGC3′). The paired-end sequencing (2 × 300 bp) of regional amplicon was performed using the Illumina MiSeq PE300 at Génome Québec Innovation Centre (McGill University, Montréal,
QC, Canada). Quantitative PCR was performed to determine
the abundance of rumen bacteria and archaea through enumerating their 16S rRNA gene copy numbers, using U2
primers for bacteria (forward: 5′-ACTCCTACGGGAGGCAG-3′; reverse: 5′-GACTACCAGGGTATCTAATCC3′) [26] and uniMet1 primers for archaea (forward: 5′CCGGAGATGGAACCTGAGAC-3′; reverse: 5′-CGGT
CTTGCCCAGCTCTTATTC-3′) [27]. Standard curves
were made using serial dilutions of plasmid DNA containing a full-length 16S rRNA gene of Butyrivibrio
hungatei (for U2 primers, using an initial concentration
of 8.50 × 107 mol/μl) and partial 16S rRNA gene of
Methanobrevibacter sp. strain AbM4 (for uniMet1
primers, using an initial concentration of 1.58 × 107
mol/μl). Quantitative PCR was conducted using SYBR
Green chemistry (Fast SYBR Green Master Mix; Applied Biosystems) in the StepOnePlus Real-Time PCR
System (Applied Biosystems), and the 16S rRNA gene
copy numbers per milliliter of rumen sample were calculated using the formula from a previous study [27].
Microbial composition analysis

Sequencing data were processed using MacQIIME version 1.9.1. Briefly, paired-end forward and reverse reads
were joined, and then primers and homopolymer runs
(maximum length, 8) of joined sequences were trimmed.
Only sequences ≥ 400 bp in length, with average quality
score ≥ 25 and with ambiguous bases ≤ 6 remained for
downstream analysis. De novo chimera checking was
performed using UCHIME [28] and operational taxonomic unit (OTU) picking was conducted using
USEARCH [29] to cluster similar sequences sharing ≥
97% similarity. Representative sequences for bacterial
and archaeal OTUs were assigned to the Greengenes
16S rRNA gene database (version gg_13_8) [30] and
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RIM-DB database [31], respectively, using BLAST [32].
Samples with < 500 bacterial sequences or samples with
< 100 archaeal sequences were removed from the compositional analysis [15]. To estimate Good’s coverage
and α-diversity indices (Chao1, Shannon index, and
Simpson index), the number of bacterial and archaeal
sequences per sample were normalized to 2000 and 500,
respectively, using 100 subsampling iterations. These αdiversity indices were calculated at the genus level for
bacterial communities and at the species level for archaeal communities. β-diversity (Principal Coordinates
Analysis [PCoA]) was calculated based on normalized
sequence numbers (n = 2000 for bacteria and n = 500 for
archaea) using Bray-Curtis dissimilarity matrices. Samples with read number less than these cutoffs were not
included in the diversity analysis. Permutational multivariate ANOVA (Adonis PERMANOVA) based on BrayCurtis dissimilarity matrices was performed with 1000
permutations to test the differences of rumen microbial
communities in the R package vegan (https://CRAN.Rproject.org/package=vegan). The sequencing data were
collapsed and summarized at five taxonomic levels (from
genus to phylum) for bacteria, and at six taxonomic
levels (from species to phylum) for archaea. Only taxa
with a relative abundance > 0.5% in at least one sample
and with a prevalence > 20% were considered as detected
taxa and included in the downstream analysis.
Co-occurrence network of rumen microbiota

Correlations among detected bacterial genus-level taxa
and archaeal species-level taxa were inferred using the
SparCC program [33] implemented in mothur [34], with
default settings apart from “permutations = 10000”. To
avoid the potential bias on the co-occurrence calculations caused by different sequencing depth among samples, bacterial and archaeal sequences were subsampled
to 2000 and 500 for each sample, respectively, and samples with read number less than these cutoffs were removed from the downstream analysis. Bacterial and
archaeal taxa that were found in < 20% of animals in the
population were also eliminated as previously suggested
[35]. The correlation patterns were further filtered to select only correlations with coefficient > 0.3 or < − 0.3
and with P value < 0.001, which were then displayed
using Cytoscape [36].
Genotyping

Genomic DNA was extracted from the ear tissue of each
animal, and genotyping was performed for all 709 beef
cattle using the Illumina BovineSNP50 v2 Genotyping
BeadChip containing 54,609 SNPs (San Diego, CA, USA)
at Delta Genomics (Edmonton, AB, Canada). A number of
675 individuals were successfully genotyped with genotypes > 80% (Additional file 1: Table S1). Quality control
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for SNPs was performed according to the following criteria: (1) P value of chi-square test of Hardy-Weinberg
equilibrium > 10−6, (2) minor allele frequency (MAF) <
5%, and (3) genotyping call rate < 90%. Missing genotypes
were imputed using the R package synbreed [37]. After
that, 42,809 SNPs remained to construct the genomic relationship matrix (G) which was used in an animal model
to estimate the heritability. In total, 42,374 SNPs with
known chromosomal position were used for GWAS (Additional file 4: Table S4).

Table 1 Heritability estimates of rumen microbial abundance,
diversity indices1, and ratios between dominant microbial
groups
Rumen microbial taxonomic features
Bacteria
16S rRNA gene copy number (log10)

Heritability estimations

Only animals with completed rumen microbial profiles,
genotype information, breed, sex, diet, and age records
were included in this analysis (Additional file 1: Table
S1). The relative abundance value of each microbial
taxon was log10-transformed [9]. All values of rumen
microbial features were plotted and possible outliers
(out of mean ± 3SD) were removed, resulting in a total
of n = 646~668 animals in the analyses for each microbial feature. To capture the additive genetic relationships
among individuals, the genomic relationship matrix (G)
was constructed based on the SNPs after quality control
(n = 42,809) using the method previously developed [38]
in the R package synbreed [37]. The heritability of each
rumen microbial feature was estimated using the following animal model in ASReml [39]:

Heritability
(h2 ± SE)
0.16 ± 0.07

Chao1 index

0.09 ± 0.07

Shannon index

0.23 ± 0.09

Simpson index

0.19 ± 0.08

PCoA1 (6.88% variation)

0.12 ± 0.07

PCoA2 (5.13% variation)

0.25 ± 0.09

PCoA3 (3.33% variation)

0.08 ± 0.06

PCoA4 (2.75% variation)

0.00 ± 0.00

PCoA5 (2.40% variation)

0.15 ± 0.09

Archaea
16S rRNA gene copy number (log10)

0.05 ± 0.06

Chao1 index

0.00 ± 0.05

Shannon index

0.04 ± 0.06

Simpson index

0.05 ± 0.06

PCoA1 (35.19% variation)

0.17 ± 0.09

PCoA2 (22.31% variation)

0.17 ± 0.08

PCoA3 (6.18% variation)

0.05 ± 0.06

PCoA4 (4.58% variation)

0.00 ± 0.00

PCoA5 (2.76% variation)

0.06 ± 0.06

2

yijklm ¼ μ þ bi þ s j þ d k þ g l þ am þ eijklm

ð1Þ

Where yijklm is the microbial feature including log10transformed abundance, alpha-diversity indices, and the
top five bacterial/archaeal PCoAs from the Bray-Curtis
matrices based PCoA as listed in Table 1; μ is the overall
mean; b is the fixed breed effect with three classes
(ANG, CHAR, and HYB); s is the fixed effect explaining
differences between bull, heifer, and steer; d is the fixed
effect of four different diets; g is the covariate representing the age effect at sampling, a is the random additive
genetic effect following a distribution of N(0, Gσa2), with
the genomic relationship matrix G and the additive genetic variance σa2; e is the random residual effect following N(0, Iσe2), with identity matrix I and residual
variance σe2. The heritability (h2) was defined as:
h2 ¼ σ a 2 = σ a 2 þ σ e 2



Ratio

Archaea to bacteria

0.04 ± 0.06

Firmicutes to Bacteroidetes

0.15 ± 0.07

Mbb. gottschalkii to Mbb. ruminantium

0.17 ± 0.08

To estimate these α- and β-diversity indices, the number of bacterial and
archaeal sequences per sample were normalized to 2000 and 500,
respectively. α-diversity indices were calculated at the genus level for bacterial
communities and at the species level for archaeal communities. Principal
Coordinates Analysis (PCoA) was conducted using Bray-Curtis
dissimilarity matrices
2
Abundance from qPCR and relative abundance were both log10-transformed
before we calculated these ratios
1

tool [40], and only SNPs with known positions (n = 42,
374) were kept for the analysis. These SNPs were located
on 30 Bos taurus chromosomes (29 autosomes [BTA]
and the X chromosome; Additional file 4: Table S4).
GWAS were performed using rrBLUP [41] in R package
as the model below:

ð2Þ
y ij ¼ μ þ ai þ m j þ eij

ð3Þ

Genome-wide association studies (GWAS)

Firstly, microbial taxonomic features were adjusted for
the fixed effects and covariate, including breed, sex, diet,
and age. Single nucleotide polymorphism (SNP) positions were obtained using the SNPchiMp v.3 web-based

Where y*ij is the adjusted values of microbial taxonomic features; a and e is the random additive genetic
effect and the random residual effect, respectively, with
assumptions of distribution, variance and covariance
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structure as descripted above in model [a]; m is a fixed
effect modeling the additive SNP effect. Genotypes were
coded as − 1/0/1 for genotype aa/Aa/AA. For each trait, P
values from testing the SNP effects were adjusted into
genome-wide false discovery rates (FDRs) using the
Benjamini-Hochberg method [42]. Associations with FDR <
0.1 were considered significant, and associations with
0.1 < FDR < 0.2 were regarded as suggestively significant.
Correlation analyses among heritable microbial features,
feed efficiency, and volatile fatty acids

Relationships among heritable microbial features (e.g.,
relative abundance of bacterial genera, archaeal species,
alpha- and beta-diversity indices, and 16S rRNA gene
copy numbers with h2 ≥ 0.15), feed efficiency traits, and
VFAs were investigated using Spearman’s rank correlation in R 3.3.1 [43]. Correlations with P values lower
than 0.05 were considered significant.

Results
Survey of rumen microbiota using a large commercial
cohort of beef cattle

Rumen microbiota were surveyed using a cohort consisting of bulls (n = 71), heifers (n = 347), and steers (n =
291) that were born in 2013 and raised at the Roy Berg
Kinsella Research Ranch at the University of Alberta.
Bacterial and archaeal profiles were successfully generated for 668 and 669 animals (with completed records
for breed, sex, diet, age, and genotype information), respectively (Additional file 1: Table S1). An average of
8020 ± 98 (mean ± SE) and 1866 ± 22 quality-filtered sequences were generated per animal for bacteria and for
archaea, respectively. Good’s coverages for both bacterial
and archaeal communities were higher than 99% (Additional file 5: Table S5). After classifying and collapsing
these OTUs into different taxonomic levels, 15 phylumlevel taxa, 18 class-level taxa, 21 order-level taxa, 34
family-level taxa, and 59 genus-level taxa were detected
for bacterial communities (with the relative abundance
> 0.5% in at least one sample and with prevalence >
20%), representing 87.10 ± 0.17% of total bacterial reads.
Meanwhile, taxa belonged to one phylum, two classes,
two orders, two families, eight genera, and 12 species
were detected for archaeal communities (Additional file 6:
Table S6), representing 99.94 ± 0.01% of total archaeal
reads. The dominant bacterial phyla were Bacteroidetes
(44.05%), Firmicutes (36.42%), and Proteobacteria
(4.61%), and each of the remaining 12 minor phyla
accounted for < 1.00% of abundance. The most abundant
archaeal taxa were Methanobrevibacter gottschalkii
(85.09%) and Methanobrevibacter ruminantium (9.91%),
followed by members of Methanomassiliicoccaceae
(3.49%) (Fig. 1 and Additional file 6: Table S6). From
those 59 bacterial genus-level taxa and 12 archaeal
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species-level taxa, Prevotella, unclassified Ruminococcaceae, unclassified Clostridiales, unclassified Bacteroidales, unclassified Lachnospiraceae, unclassified S24-7,
and Methanobrevibacter gottschalkii were found in all of
the animals, representing a core rumen microbiota in
beef cattle.

Breed, sex, and diet drove the segregation of rumen
microbiota

General community structures (Principal Coordinates
Analysis [PCoA] based on Bray-Curtis dissimilarity metrics), alpha-diversity indices (Chao1 for richness and
Shannon for evenness), and abundance (16S rRNA gene
copy numbers from qPCR) of rumen bacterial and archaeal communities were affected by breed, sex, and
diet, while the age effect was only detected for the richness and abundance of bacteria (Figs. 2 and 3 and Additional file 6: Table S6). From 174 detected bacterial and
archaeal taxa, 54% (94), 95% (165), 91% (158), and 9%
(16) of them were affected by breed, sex, diet, and age
(P < 0.05 from the animal model), respectively (Additional file 6: Table S6).
Specific to the observed breed effect, both bacterial
and archaeal profiles differed between ANG and
CHAR breeds of cattle, while those from the HYB
were overlapped with the two pure breeds (P < 0.05
for both bacterial and archaeal communities based
on Adonis permutational multivariate ANOVA [PERMANOVA]; Fig. 2). Charolais rumen microbiota
(bacterial and archaeal) were less diverse (with the
lowest Chao1 and Shannon indices) than those of
ANG and HYB (Fig. 3a–d; P < 0.05 according to the
Kruskal-Wallis rank sum test), while ANG microbiota had the highest richness (Chao1, P < 0.05;
Fig. 3a, b). Meanwhile, a similar level of bacterial
abundance was detected among the three breed populations (P = 0.15 according to ANOVA based on
log10-transformed 16S rRNA gene copy numbers per
milliliter of rumen sample), with higher archaeal
abundance for HYB compared with those in CHAR
and ANG (P = 2.7e−4; Fig. 3e, f ).
Principal Coordinates Analysis also displayed the sex
effect on both bacterial and archaeal communities (P <
0.05 according to PERMANOVA; Fig. 2). In addition,
comparison analysis of alpha diversities revealed that
the bull rumen microbiota had the lowest richness and
evenness for archaeal communities and highest richness
for bacterial communities (P < 0.05 according to the
Kruskal-Wallis rank sum test; Fig. 3a–d). Among the
three sexes, bulls had the highest archaeal but lowest
bacterial abundance, while steers had the lowest archaeal but highest bacterial abundance (Fig. 3e, f; P <
0.05 according to ANOVA).
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Fig. 1 Composition of rumen microbiota in beef cattle. Bacterial community composition was summarized at genus, family, order, class, and
phylum levels (a), and archaeal community composition was summarized at species, genus, family, order, and class levels (b). Heritable taxa
(heritability estimate [h2] ≥ 0.15) were indicated using diamonds. These graphs were created using the program GraPhlAn [44]

Host additive genetic effects had measurable impact on
the rumen microbiota

The proportion of rumen microbial taxon at multiple
taxonomic levels was treated as an individual trait as
suggested previously [13], and its heritability (h2) was estimated using an animal model based on the genomic
relationship matrix (G matrix). In the present study, only
microbial taxonomic features with the heritability estimate of h2 ≥ 0.15 were considered as being heritable.

The results showed that animal additive genetic variation contributed to relative abundance of 59 (56 for
bacteria and 3 for archaea) microbial taxa (h2 ≥ 0.15;
Fig. 1 and Additional file 6: Table S6) belonging to various taxonomic levels. Among those 59 heritable bacterial taxa, 22 of them belonged to the phylum Firmicutes,
including Ruminococcus (h2 = 0.16 ± 0.08; mean ± SE),
unclassified Clostridiales (h2 = 0.25 ± 0.09), Blautia (h2 =
0.18 ± 0.08), etc. However, most members belonging to

Fig. 2 Factors (breed, sex, diet, and age) drive segregation of rumen bacterial communities (a) and archaeal communities (b), as visualized using
principal coordinate analysis (PCoA). To performed PCoA, the number of bacterial and archaeal sequences per sample were normalized to 2000
and 500, respectively, and the PCoA was conducted using Bray-Curtis dissimilarity matrices
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Fig. 3 Effects of breed, sex, diet, and age on the richness (a, b), evenness (c, d), and abundance (e, f) of rumen bacteria and archaea. The 16S
rRNA gene copy numbers per milliliter of rumen sample were log10-transformed before statistical analysis. Values within each factor that do not
have a common superscript are significantly different (P < 0.05) according to the Kruskal-Wallis rank sum test. The correlations between age and
other indices were calculated using the Spearman’s rank correlation (ρ = correlation coefficient)

Bacteroidetes, such as Prevotella, unclassified S24-7, and
unclassified Bacteroidales, were less affected by host
genetics (h2 < 0.15). For the three heritable archaeal taxa,
the heritability estimate was 0.23 ± 0.08 for Methanobacterium, 0.18 ± 0.08 for Mbb. ruminantium, and 0.23 ±
0.08 for Methanobacterium alkaliphilum.
In addition, rumen bacterial diversity indices, including Shannon index (h2 = 0.23 ± 0.09) and Simpson index
(h2 = 0.19 ± 0.08), were also heritable (Table 1). Meanwhile, moderate heritability estimates (h2 = 0.15~0.25)
were obtained for PCoA2 (5.13% of variation) and
PCoA5 (2.40% of variation) of bacterial communities
and for PCoA1 and PCoA2 (35.19% and 22.31% of variation, respectively) of archaeal communities (Table 1).
Moderate heritability was observed for the bacterial
abundance (h2 = 0.16 ± 0.07) but not for the archaeal

abundance (h2 = 0.05 ± 0.06) (Table 1). Due to correlations between bacterial and archaeal abundances (correlation coefficient [ρ] = 0.26, P = 3.64e−12; Spearman’s
rank correlation), between Firmicutes and Bacteroidetes
(ρ = − 0.83, P = 2.20e−16;) and between Mbb. gottschalkii
and Mbb. ruminantium (ρ = − 0.75, P = 2.20e−16) (Fig. 4),
host genetics effects on these ratios were also estimated.
The ratio between Firmicutes and Bacteroidetes (h2 =
0.15 ± 0.07), and the ratio between Mbb. gottschalkii and
Mbb. ruminantium (h2 = 0.17 ± 0.08) were both moderately heritable (Table 1).
Heritable microbial taxa were keystone members of the
rumen microbial co-occurrence network

Co-occurrence networks were observed for the bacterial
communities but not for the archaeal communities
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Fig. 4 Relationships between predominant rumen microbial groups. a Ratio of bacterial abundance to archaeal abundance, represented by 16S
rRNA gene copy number obtained using qPCR. b Ratio of Firmicutes to Bacteroidetes. c Ratio of Methanobrevibacter gottschalkii to
Methanobrevibacter ruminantium. The 16S rRNA gene copy number and relative abundance were log10-transformed, and the correlation analysis
was performed using the Spearman’s rank correlation (ρ = correlation coefficient)

(Fig. 5), with 72 significant associations (52 positive and
20 negative) (correlation coefficient < − 0.3 or > 0.3 and
P < 0.001) being identified between bacterial taxa at the
genus level. Four major modules comprised of correlated
bacterial taxa were observed, centered by four heritable
bacterial taxa (unclassified Clostridiales, unclassified
Succinivibrionaceae, unclassified Coriobacteriaceae, and
unclassified Christensenellaceae, respectively) (Fig. 5b–e)
.
Heritable microbial features correlated with host feed
efficiency traits and VFAs

Correlation analysis revealed significant relationships
(P < 0.05, Spearman’s rank correlation) between rumen
microbial features and host feed efficiency traits. Most
of heritable microbial features strongly contributed to
the variation of FCR, ADG, and DMI but did not relate to RFI or backfat-adjusted RFI (RFIf ) (Fig. 6a).
Two clusters of heritable microbial features showed
strongest correlations with FCR/ADG/DMI (P < 1.42e
−8). The first cluster included Bulleidia, Oscillospira,
unclassified Clostridiales, the Firmicutes to Bacteroidetes ratio, and bacterial PCoA2, while the second
one comprised Megasphaera, unclassified Succinivibrionaceae, and unclassified YS2. Meanwhile, heritable
microbial features were also correlated with major
rumen metabolic measures (VFAs), especially with
acetate and propionate concentrations (Fig. 6b). For
example, unclassified Clostridiales, unclassified Christensenellaceae, and unclassified [Mogibacteriaceae]
were positively correlated with acetate and negatively
correlated with propionate concentrations, while unclassified Succinivibrionaceae was negatively and positively correlated with acetate and propionate
concentrations, respectively (P < 1.78e−15).

GWAS identified host SNPs for rumen microbial
taxonomic features

When downstream GWAS were performed for microbial taxonomic features with h2 ≥ 0.1, 19 SNPs located on BTA (Bos taurus autosome) 1, 2, 3, 5, 7,
10, 12, 13, 16, 19, 26, and 27 were identified to be
associated with microbial taxonomic features at the
significance level of false discovery rate (FDR < 0.1)
or at the suggestive significance level of 0.1 < FDR <
0.2. Specifically, these SNPs were associated with the
abundance of six bacterial genus-level taxa (unclassified BS11, Ruminococcus, unclassified Lachnospiraceae, YRC22, unclassified [Mogibacteriaceae], and
unclassified Victivallaceae), three bacterial families
(BS11, [Paraprevotellaceae], and Victivallaceae), one
bacterial order (Victivallales), two bacterial classes
(Spirochaetes and Lentisphaeria), and two bacterial
phyla (Spirochaetes and Lentisphaerae) (Table 2 and
Fig. 7). No significant (or suggestively significant) association was observed for alpha-diversity indices,
PCoAs, bacterial and archaeal abundance, and relative abundance of archaeal taxa.
The most significant associations were BS11 family
and unclassified BS11 at the genus level with the SNP:
rs110670001 on BTA10 (P = 1.43e−07, FDR = 0.006). In
addition, four adjacent SNPs (rs110410597, rs41604961,
rs109122489, and rs110469969) located in the region of
28.10~ 28.18 Mbp on BTA13, which were in complete
linkage disequilibrium (data not shown), tended to be
associated with the phylum Spirochaetes and the class
Spirochaetes (P = 2.45e−05~2.69e−05, FDR = 0.17~0.19).
Moreover, two genus-level taxa (unclassified Lachnospiraceae and Ruminococcus) tended to be associated with
one SNP (rs109961459 on BTA13; P = 2.61e−06, FDR =
0.11) and four SNPs (rs43235157 on BTA1, rs110461771
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Fig. 5 Co-occurrence network of rumen microbial taxa (a). Four major co-occurrence network modules were centered by unclassified Clostridiales
(b), unclassified Succinivibrionaceae (c), unclassified Coriobacteriaceae (d), and unclassified Christensenellaceae (e). Only correlations with coefficient
> 0.3 or < −0.3 and with P value < 0.001 were displayed. Heritable taxa were represented by red triangle/hexagon, while inheritable taxa were
represented by yellow circle. Values in the parentheses are heritability estimates of heritable taxa. A connection with a blue/gray line means a positive/
negative correlation. ‘U_’ before the taxonomic name represents unclassified. The first two PCs were calculated using PCA for each module
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Fig. 6 Correlation patterns showing that heritable rumen microbial features (h2 ≥ 0.15) associated with feed efficiency (a) and rumen volatile fatty
acids (b). Correlation analyses were performed using Spearman’s rank correlation, and correlations with P values lower than 0.05 were considered
significant. Relative abundance of heritable bacterial genera and archaeal species, proportion of VFAs, 16S rRNA gene copy numbers, and ratios
were log10-transformed, and possible outliers (out of mean ± 3SD) were removed before the analysis. Negative and positive correlations were
displayed in red and blue, respectively

on BTA2, rs41656119 on BTA7, and rs110071335 on
BTA10; P = 3.88e−06~1.80e−05, FDR = 0.16~0.19), respectively (Table 2 and Fig. 7).
Among those identified SNPs, five of them were also
related to feed efficiency traits. Specifically, SNP:
rs43235157 (associated with Ruminococcus) affected
DMI (P = 1.64e−03, ANOVA), SNP: rs110461771 (associated with Ruminococcus) influenced FCR (P = 0.10),
SNP: rs41257422 (associated with YRC22) impacted on
RFIf (P = 5.51e−03), SNP: rs41911152 (associated with
unclassified Victivallaceae) had an effect on DMI (P =
0.08), and SNP: rs110448978 (associated with unclassified [Mogibacteriaceae]) related to ADG (P = 2.06e−02),
DMI (P = 4.23e−02), and FCR (P = 0.08) (Table 2 and
Additional file 7: Figure S1).

Discussion
Findings from the current study provide answers to
some fundamental questions in terms of the rumen
microbiota. Firstly, although sex has been suggested as
one of the factors affecting the composition of gut
microbiota in humans and mice [45, 46], our current
study is the first to evaluate the sex effect on the rumen
microbiota. This is notable as our study was conducted
in a commercial beef cattle operation, and thus cattle

with different sexes were fed with different diets to fulfill
their different energy requirements. Therefore, the sex
effect detected can be nested or confounded with the
dietary effect. To take this nested design into consideration, Adonis PERMANOVA was conducted and sex effect was determined through constraining permutations
within each diet. This PERMANOVA showed that the
sex effect on rumen bacterial and archaeal communities
was significant, confirming the sex effect on rumen
microbiota. Specifically, we found that the microbiota
observed in bulls was distinguishable from that of heifers
and steers. A recent study reported that male castration
eliminated the gut microbial differences between males
and females, and the hormone (e.g., testosterone)
treatment prevented the changes of males after gonadectomy [47]. This suggests that differences in sex
hormones could be one of the elements to explain
the variation among different sexes, because sex hormones affected bile acid profiles [47] and the shifts of
bile acid consequently influence the gut microbiota
[48]. Meanwhile, males and females may be exposed
to different environmental microorganisms due to different diets and different activities [45], and thus it
could also in part drive the different microbial profiles between sexes.
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Table 2 Identified bovine SNPs associated with rumen microbial taxa
SNP
rs109763257

Position
1:155345571

Alleles
C/T

Gene

Consequence
1

NC region

Associated Taxon

2

NA

FDR3

P

Spirochaetes (phylum)

0.173

1.20e−05

Spirochaetes (class)

0.190

9.43e−06

FE4

rs43235157

1:156294225

A/G

TBC1D5

Intron variant

Ruminococcus (genus)

0.191

1.33e−05

DMI

rs110461771

2:92080445

C/T

RAPH1

Intron variant

Ruminococcus (genus)

0.164

3.88e−06

FCR

rs29003226

3:51976646

C/G

NC region1

NA2

YRC22 (genus)

0.107

2.53e−06

A/G

1

NA2

YRC22 (genus)

0.155

7.33e−06

1

2

rs41257422

5:6266261

NC region

rs41656119

7:83551608

A/G

NC region

NA

Ruminococcus (genus)

0.191

1.80e−05

rs110670001

10:10930797

C/T

NC region1

NA2

BS11 (family)

0.006

1.43e−07

Unclassified BS11 (genus)

0.006

1.43e−07

rs110071335

10:81981544

A/C

SMOC1

Intron variant

Ruminococcus (genus)

0.191

1.46e−05

rs109402398

12:37678844

C/T

NC region1

NA2

[Paraprevotellaceae] (family)

0.105

4.95e−06

rs110410597

13:28095457

C/T

OPTN

Intron variant

Spirochaetes (phylum)

0.173

2.45e−05

Spirochaetes (class)

0.190

2.69e−05

rs41604961

13:28115879

C/T

OPTN

Intron variant

Spirochaetes (phylum)

0.173

2.45e−05

Spirochaetes (class)

0.190

2.69e−05

rs109122489

13:28149879

C/T

MCM10

Intron variant

Spirochaetes (phylum)

0.173

2.45e−05

Spirochaetes (class)

0.190

2.69e−05

rs110469969

13:28183389

C/T

UCMA

Intron variant

Spirochaetes (phylum)

0.173

2.45e−05

Spirochaetes (class)

0.190

2.69e−05

rs109961459

13:24202640

A/G

NC region1

NA2

Unclassified Lachnospiraceae (genus)

0.111

2.61e−06

rs41627213

16:78415671

C/T

DENND1B

Intron variant

[Paraprevotellaceae] (family)

0.070

1.65e−06

rs41911152

19:30220186

C/T

NC region1

NA2

Lentisphaerae (phylum)

0.070

1.64e−06

rs110728224

26:32497450

A/G

NC region1

NA2

Lentisphaeria (class)

0.070

1.64e−06

Victivallales (order)

0.034

8.05e−07

Victivallaceae (family)

0.038

8.92e−07

Unclassified Victivallaceae (genus)

0.038

8.92e−07

Spirochaetes (phylum)

0.173

4.73e−06

Spirochaetes (class)

0.140

3.31e−06

rs110448978

26:37871121

C/T

KCNK18

Downstream variant

Unclassified [Mogibacteriaceae] (genus)

0.187

4.40e−06

rs42620822

27:42776720

A/G

NC region1

NA2

Spirochaetes (class)

0.196

3.24e−05

RFIf

DMI

ADG
DMI
FCR

1

NC region = non-coding region
2
NA = not available
3
For each microbial taxonomic feature, P value was adjusted into genome-wide false discovery rates (FDRs) using the Benjamini-Hochberg method. Associations
with FDR < 0.1 were considered significant, and associations with 0.1 < FDR < 0.2 were regarded as suggestively significant
4
FE = feed efficiency traits

Such a sex effect on the rumen microbiota raises several questions, especially in beef cattle. Most of the genetic improvement for productivity was achieved through
breeding sires and passing the desirable characteristics
to their offspring steers. Our previous study has suggested the sire breed had an effect on the frequency of
particular rumen microbial phylotypes in their offspring
steers, but the sex factor was not considered [16]. In the
current study, three sexes were included for each breed,
and sex has now been shown to affect both rumen microbial community structures and relative abundance of

many taxa. However, future research on comparing
microbiota from multiple generations of beef cattle with
different sexes is needed to determine to what extent
rumen microbiota in bulls could be passed to their offspring and if this differs for female or male offspring. Recent human studies also highlight the potential vertical
transmission of gut microbiota, especially from mothers
to infants [49]. Therefore, the magnitude of the dam’s
effect on the rumen microbiota also needs to be explored since heifers have different rumen microbiota
than bulls.
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Fig. 7 SNPs associated with rumen microbial taxa at phylum (a), family (b), and genus (c) levels. Only associations with false discovery rates (FDR)
< 0.1 (significant) and 0.1 < FDR < 0.2 (suggestively significant) are displayed. In each plot, values that do not have a common superscript are
significantly different (P < 0.05) based on ANOVA. The x-axis represents genotype of a SNP, and the y-axis indicated the log10-transformed relative
abundance after adjusting breed, sex, diet, and age factors

Secondly, the reported heritability estimates in this
study answer the questions to what extent the host genetics can affect the rumen microbiota and whether the
host can influence all members at the same level, which
provide the theoretical foundation to explain the highly
individualized rumen microbiota in cattle. Interestingly,
as the predominant bacterial phylum, most of the bacterial taxa (20 out of 22) belonging to Bacteroidetes had

low heritability estimates, which is consistent with the
recent findings based on dairy cows [5]. The low heritability estimates of Bacteroidetes members suggest that
they are largely affected by environmental factors, such
as diet. It has been reported that genes encoding a broad
spectrum of carbohydrate-active enzymes (CAZys), especially for glycoside hydrolases (GHs) and glycosyl transferases (GTs), were enriched in Bacteroidetes genomes
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[50]. Moreover, polysaccharide utilization loci (PULs), genomic regions encoding all necessary enzymes for the binding and degradation of plant structural polysaccharides,
were identified in 64 culturable Bacteroidetes genomes [51],
and their high occurrences in Bacteroidetes were further
confirmed through metagenomic analysis [50], representing
a polysaccharide-degradation strategy evolved by Bacteroidetes. All these results highlight the essential roles of Bacteroidetes members in the degradation and fermentation of
plant-structural polysaccharides in the rumen that are the
main component of feed materials. Therefore, they are
likely to be able to adapt to various diets, and many studies
have indeed suggested diet as the major factor determining
the abundance of Bacteroidetes, Prevotella, unclassified
Bacteroidales, and so on [15]. Such results are in line with
studies on human gut microbiota, in which taxa belonging
Bacteroidetes were not heritable and showed obvious shifts
under dietary interventions [11, 52]. However, a recent
study reported that 15 out of 22 heritable rumen OTUs
belonged to Bacteroidetes [53], which is inconsistent with
our findings. It is notable that they conducted the heritability estimation with only 47 cows [53], and such a small
sample size may lead to biased estimations of the host additive genetic effects on the rumen microbiota.
On the other hand, phylum Firmicutes (the second
most abundant phylum) and many taxa belonging to this
phylum (21 out of 52) had moderate heritability estimates, suggesting that the host genetic effect contributes
to the observed variation in this phylum. This is also
consistent with a previous study of human gut microbiota [12]. For example, as the most abundant family in
Firmicutes, Ruminococcaceae had moderate heritability.
This family is composed of both fibrolytic organisms
and members involved in starch hydrolysis, which could
produce acetate, formate, succinate, and so on [54, 55].
Unclassified Clostridiales in this family has been reported to be affected by both host and diet [15], and the
moderate heritability estimate obtained in this study further confirmed the host genetic effect on its abundance.
Although a previous study indicated that unclassified
Clostridiales may play a role in biohydrogenation [56],
the ecology and functions of phylotypes belonging to
this group are largely unknown because most of them
are unculturable. Regardless, the observed different heritability estimates between members of Bacteroidetes
and Firmicutes suggest that host effects are not equal on
different rumen microbial phylotypes. Therefore, genetic
selection and breeding may be applied to alter rumen
microbial taxa with moderate heritability estimates,
while it is unlikely to have any effects on those members
driven by environmental factors.
Coevolution of microorganisms with host might be one
of the mechanisms to explain different host genetic effects
on different rumen microbial taxa. As described above, we
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found that the abundance of Ruminococcus was influenced
by host genetics. It has been reported that members of this
genus display large diversity and particular host-association
patterns in different mammalian species [57], supporting
the suggestion that there are coevolutionary relationships
between Ruminococcus and the host. In addition, as major
butyrate producers (e.g., Butyrivibrio, Clostridium, etc.)
[54], most members of Lachnospiraceae (9 out of 10) were
not heritable in the rumen, whereas most members of this
family were reported to be heritable in the human gut [11].
This inconsistency of heritability estimates of Lachnospiraceae members between ruminant and human further suggests there are coevolutionary relationships between host
and the gut microbiota. Further scanning and analysis of
genomic characters of these heritable rumen taxa, such as
the outcomes of the Hungate 1000 project [51] and the 913
microbial genomes assembled from rumen metagenomes
[50], will provide more information to explain how host
and rumen microorganisms coevolved at the genomic level
and provide a better understanding of how host genetics influence these microbial taxa.
Four heritable bacterial taxa (unclassified Succinivibrionaceae, unclassified Clostridiales, unclassified Coriobacteriaceae, and unclassified Christensenellaceae)
interacted with many other bacterial taxa, suggesting
that they may be the keystone members of the rumen
microbiota. For instance, members of Succinivibrionaceae could utilize hydrogen to generate succinate (a precursor of propionate) [58], thus reducing the H2 release
and methane emissions. Therefore, they may function as
one of the focal points to connect with propionate production, hydrogen utilization, and methanogenesis in the
rumen. Indeed, the abundance of members in Succinivibrionaceae not only associated with methane emissions
[4], but also showed significant correlations with feed efficiency and rumen propionate in the present study.
Moreover, it has been reported that there are strong interactions between Succinivibrionaceae and other major
rumen microorganisms at the transcriptional level [59].
All these above mentioned findings support the suggestion that members of Succinivibrionaceae play an essential role in the rumen due to their ecological and
metabolic functions. Therefore, the host genotype may
directly control these heritable keystone members and
indirectly impact the other taxa through the microbial
interactions. Future research on isolating and characterizing members of these heritable keystone members
could help define their ecological niches in the rumen
and reveal mechanisms between their interactions with
the host and other rumen microorganisms.
Furthermore, the identification of associations between
host genotypes (SNPs) and rumen microorganisms
through GWAS provides further answers on which genetic components contribute to the variation of rumen
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microbiota of beef cattle. For instance, the SNP:
rs110461771 (associated with the variation in the abundance of Ruminococcus) is located within the gene
RAPH1 (Ras Association (RalGDS/AF-6) and Pleckstrin
Homology Domains 1) on BTA2. The RAPH1 gene is involved in cell migration, which is the function that has
been suggested to be associated with the nutrient absorption abilities of the rumen epithelia in beef steers
[60]. Therefore, polymorphism of the RAPH1 gene may
contribute to differences in the rumen epithelial absorption of nutrients such as VFAs. The variation in ruminal
epithelial VFA absorption has been reported to be associated with differences in ruminal pH [61], and the shift
in ruminal pH can influence the rumen microbiota [62].
Another SNP: rs29003226 (associated with the abundance of YRC22) is close to the CDC7 (cell division
cycle 7) gene on BTA3. The CDC7 gene encodes the cell
division cycle protein with kinase activity and might be
involved in the cell division of the rumen epithelium. It
has been reported that increased cell division could increase the proportion of epithelial cells, papillae length,
and papillae number [63], and the variation of these
rumen physical structures are expected to have a potential influence on the rumen microbiota [17]. In addition,
the SNP: rs41911152 (associated with various microbial
groups) is located upstream of MYH3 (Myosin Heavy
Chain 3) on BTA19. The MYH3 gene plays a role in
muscle contraction [64], and thus it may relate to rumen
contraction frequency by affecting the muscle action of
the rumen wall. Rumen contraction frequency is associated with the passage rate of rumen digesta which has
been suggested to also influence the microbiota [17].
Furthermore, expression of all three genes in the rumen
epithelial wall were detected in HYB beef steers raised
under the same environment in our previous study [60].
Overall, the above microbiota-associated SNPs suggest
that the host genetics driven rumen physical features,
and gene expression could drive the composition of
rumen microbiota. Future follow-up studies to evaluate
the associations between these genes and regions (using
higher density SNP markers and/or gene sequencing)
and rumen epithelial structure and thickness, passage
rate, ruminal pH, and rumen microbiota will provide
more direct evidence to support our suggestions.
Five rumen microbiota-associated SNPs also contributed to the variation of feed efficiency traits in the
current beef cohort, and four of them have already been
located in the QTLs for feed efficiency in previous studies (e.g., rs43235157 and rs41257422 in the QTLs for
ADG, rs41911152 and rs110448978 in the QTLs for
RFI) [65–67]. Some other microbiota-associated SNPs
overlap with known quantitative trait loci (QTLs) for
feed efficiency as well. For example, SNPs on BTA1
(rs109763257) and BTA13 (rs110410597, rs41604961,
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rs109122489, and rs110469969) are located within the
QTLs for ADG [65, 68]. Meanwhile, SNPs on BTA3
(rs29003226) and BTA26 (rs110728224) overlap with
QTLs for RFI [67]. Such overlap suggests that these
QTLs may have pleiotropic effects on both rumen
microbiota and feed efficiency, which may partly explain
the associations between rumen microorganisms and
feed efficiency [2, 3]. For instance, a pervious study reported associations between the unclassified [Mogibacteriaceae] and feed efficiency [69], and the QTL for feed
efficiency on BTA26 overlaps with the SNP: rs110448978
for unclassified [Mogibacteriaceae] in our study. This region may harbor a gene that affects both unclassified
[Mogibacteriaceae] and feed efficiency, or the QTL may
contain several linked genes that individually or simultaneously influence these two traits. In addition, it is also possible that host QTLs impact feed efficiency through
effects on rumen microbial composition. Further studies
are required to confirm these cause-and-effect relationships behind these pleiotropic effects between rumen
microbiota and feed efficiency.
Analyzing rumen microbiota estimated using 16S
rRNA gene amplicon sequencing, in both dairy cattle [5]
and the present study, revealed similar heritable rumen
microbial taxa, such as unclassified Victivallaceae (h2 =
0.2 in both studies) and unclassified BS11 (h2 = 0.11 reported in [5] vs. h2 = 0.25 in this study), even though
these two independent studies were based on different
cattle breeds, geographical locations, DNA isolation
methods, PCR primers, sequencing process, bioinformatic pipelines, statistic models, and so on. The consistent findings of these two studies not only provided us
with stronger biological evidence of host additive genetic
effects on rumen microbiota, but also confirmed the
technical feasibility to conduct quantitative genetic analysis for gut microbial profiles obtained from a PCRbased approach. It is important to be aware that gut microbial profiles generated from a PCR-based approach
may be biased and not truly quantitative due to primer
selection [70] and/or amplification condition [71].
Therefore, sequencing PCR amplicons of marker genes
is not the ideal strategy to profile the gut microbiota to
be used for heritability estimation, GWAS, or other
quantitative genetic analysis. To better estimate the host
genetic effects on rumen microbiome, PCR-free metagenomics is recommended for future studies as it represents a more accurate strategy for both compositional
and functional levels.
In the meantime, it is worth mentioning that analyzing
the rumen bacterial community at the species and/or
strain level will be more biologically relevant, as microorganisms from the same species/strain may share the
same ecological niche and thus perform similar functions in the rumen. However, the existing OTU-based

Li et al. Microbiome

(2019) 7:92

Page 15 of 17

16S rRNA gene sequencing analysis may not generate
convenient and reliable taxonomic classification at bacterial species level, as previously reviewed [72]. Briefly, a
certain OTU (> 97% similarity) may contain amplicons
from different species, while different OTUs may actually represent amplicons from the same species but multiple gene copies [72]. Due to this technical limitation,
both Henderson et al. [15] and the current study analyzed
the rumen bacterial community at the genus level, which is
one of the limitations in the current study. Potentially, the
on-going Hungate 1000 project [51] and the 913
metagenome-assembled genomes [50] will serve as a valuable reference dataset for both marker-gene-based analysis
and metagenomic-based approach in future studies, which
could enhance the resolution of rumen microbial profiling
and help us better understand interactions between host
genetics and rumen microorganisms.

microbial taxonomic features through genetic selection
and breeding, and it could be a useful strategy to
optimize rumen fermentation and further improve feed
efficiency as well as other rumen microbiota-related
traits (e.g., CH4 emissions, milk composition, ruminal
acidosis, etc.) through targeting both hosts and their
rumen microbiota. In addition, to manipulate those environmentally determined phylotypes with low heritability estimates (such as members belonging to
Bacteroidetes and most of archaeal taxa), individual feeding schemes could be considered. Therefore, it is important to combine both genetics-based (selection and
breeding) and management-based (precision feeding
schemes) approaches to achieve optimal host-microbiotadiet interactions and thus enhanced the productivity of
beef cattle to address the emerging global food security
challenges.

Conclusions
This study assessed the determinant factors for the
rumen microbiota, estimated the heritability of rumen
microbial taxonomic features, and identified genetic
components associated with specific rumen microbial
taxa using samples collected from a large cohort of beef
cattle (n = 709). Rumen microbiota of these beef cattle
are generally consistent with those typically described
previously at various taxonomic levels [15, 73]. Multiple
factors, including breed, sex, and diet were identified to
drive the variation of rumen microbiota among animals.
The findings on moderate heritability estimates for
rumen microbial taxonomic features and the identified
microbial taxa associated SNPs from GWAS show direct
evidence that rumen microbial colonization in beef cattle can be affected by host additive genetic effects and
genotypes. In addition, heritable rumen microbial features were associated with host feed efficiency and
rumen VFAs, and there were SNPs associated with both
rumen microbiota and feed efficiency. Therefore, cattle
may genetically control their rumen microbiota and consequently influence their rumen fermentation and feed
efficiency. It is noticeable that when commercial cattle
populations were tested, it is challenging to strictly control the diet for every individual, due to breed, sex, and/
or environmental (farm) factors. Although both the previous study for dairy cows [5] and our current study for
beef cattle identified the host genetic effect on rumen
microbiota, future studies with optimized experimental
design to provide an identical diet to all the beef cattle
are necessary, which may give us more accurate heritability estimates and more convincing associations between bovine genotypes and rumen microbiota.
Regardless, together with Difford et al. [5], the findings
on host genetics associated rumen microorganisms suggest the potential to manipulate these heritable
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